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SUMMARY
Due to their characteristic properties of self-renewal and differentiation, stem
cells hold the capacity to serve as phenotype-specific cell factories for various regen-
erative medicine and tissue engineering applications. However, current phenotyping
techniques, which typically employ multiple surface protein-specific antibodies, are
often insufficient to identify or enrich cells of a target phenotype. An improved tech-
nique that could select target cells could be used to purify starting cell populations
for directed differentiation protocols or to enrich specific terminally differentiated
phenotypes for tissue engineering.
The goal of this project is to investigate cellular mechanical parameters as stem
cell phenotype markers to complement the currently available biomolecular markers.
This objective was accomplished through 1) the establishment of cell stiffness as a
single-cell marker of potency in both mesenchymal stem cells, which give rise to cells of
the connective tissue, and limbal stem cells, which replenish the cornea, 2) the devel-
opment of a method to compare cell mechanics and gene expression at the single-cell
level, which will enable more detailed studies of the relationships between cell pheno-
type, mechanics, and structure, and 3) the determination that pluripotent embryonic
stem cells, which are softer than their differentiated progeny, can be enriched us-
ing a cell stiffness-based microfluidic sorting device, as assessed by potency-related
morphological and genetic factors. Ultimately, this project established cell stiffness
as a marker of stem cell differentiation in various cell systems, with applications to




This chapter begins with an overview of the cell mechanics field. The significance of
studying cell mechanics and sorting cell phenotypes based on mechanical properties
is then addressed. Finally, an overview of the dissertation is provided.
1.1 A Brief History of Cell Mechanics
Atomic force microscopy (AFM) was invented in 1986 by Binnig, Quate, and Gerber
for measurement of attonewton-scale forces and surface imaging [17]. AFM function-
ality has since been extended to the study of the structure and mechanical properties
of biological entities ranging from single nucleic acids and proteins to cells and tissue
sections [61, 107].
A great deal of work in stem cell mechanotransduction focuses on the effects of
substrate stiffness and biochemistry on differentiation, as well as the forces exerted
by cells [8, 46, 52, 64, 141]. In contrast, this work examines endogenous cell stiffness
as stem cells differentiate in order to evaluate stiffness as a possible differentiation
marker with applications to high-throughput cell identification. Cellular stiffness
has been proposed as an indicator of multiple cellular processes, including cancer
metastasis [31, 35, 136, 162] and apoptosis [70, 84], as well as stem cell differentiation
[24,101,106,112,139] and differentiation potential [59,65].
Common techniques to assess cell mechanical properties include micropipette as-
piration, optical tweezers, and atomic force microscopy (AFM), which is employed
throughout the present work. Micropipette aspiration employs a glass capillary with
a diameter smaller than the cell diameter to apply a known negative pressure to a
cell. The measurements are tensile and tend to be better representative of membrane
1
mechanics or localized cell structural mechanics, rather than overall mechanical prop-
erties. Optical tweezers employ pairs of microbeads, which are adhered to or partially
phagocytosed by a cell. The beads are then optically manipulated and the movements
can be calibrated to calculate known applied forces and cell mechanical parameters.
AFM was chosen for the purposes of this work, as a method to obtain highly repeat-
able, compressive mechanics measurements. By attaching a large bead to the AFM
cantilever, global mechanics measurements were obtained, which are particularly per-
tinent to the microfluidic device employed later in the study.
1.2 Research Motivation and Significance
Cell mechanics offer the opportunity for label-free markers that complement exist-
ing biomolecular markers. The most common methods to identify phenotype, in-
cluding RNA-, DNA-, and protein-based methods, are not readily compatible with
high-throughput cell sorting. Current sorting-compatible phenotype identification
techniques, most commonly fluorescence- or magnetic-activated cell sorting (FACS or
MACS), rely on one or multiple antibodies. In turn, the antibodies depend upon the
presence of phenotype-specific surface proteins, which can be transient and difficult
to identify [39]. The lack of reliable cell-surface or intracellular markers of terminal
stem cell differentiation precludes techniques such as fluorescence-activated cell sort-
ing from successful phenotype identification. The use of antibodies to identify stem
cells is cumbersome, requiring approximately 15 hours of laborious cell processing,
and can subsequently affect cellular physiology if the epitope is associated with a
functionally important protein domain [36,68,105].
Promising fields, such as tissue engineering and regenerative medicine require
advances in cell phenotyping to succeed. Controlling both potency and lineage spec-
ification in stem cell-derived cell populations is paramount for tissue engineering and
2
regenerative medicine. Tissue engineering requires highly pure starting cell popula-
tions with fine control over cell position and phenotype. Currently, tissue engineering
approaches are generally confined to structurally simple organs containing few cell
types, such as the bladder, the first organ to be successfully tissue engineered. To
engineer more complex organs from highly proliferative stem cells, strict control over
cell phenotype is paramount to match in vivo physiology. Thus, methods to identify
or enrich target cell phenotypes will be invaluable to the future of tissue engineering.
Regenerative medicine also requires extremely pure starting cell populations and
can endanger patients if proper precautions are not taken. Excessive potency can
cause dangerous teratomas, whereas deficient potency is associated with low prolif-
erative potential, which can limit the efficacy of a cell therapy [67]. Additionally,
lineage specification must be controlled to obtain starting cell populations with suf-
ficient phenotypic purity, which are required to generate functional tissue-engineered
organs and efficient cell therapies. Even with extensive efforts to engineer the cellular
microenvironment, directed differentiation protocols are generally low yield or time
consuming. Thus, a complementary method of phenotype control is important to
select target cell types from a heterogeneous population, which requires an under-
standing of the cell subsets that exist for each selection basis (e.g. gene or protein
expression).
After validating biophysical markers as phenotype-specific indicators of cell state,
microfluidic technology can be used to enrich for target cell types. Microfluidics can
also be used to divide cell populations into biophysical subsets, enabling investigation
of the relationship between biological and mechanical subsets of larger populations.
Such studies begin to address the confounding mechanical heterogeneity of cell pop-
ulations and, in the case of stem cell studies, asynchronous differentiation kinetics,
which complicate current understanding. Ideally, investigations of single-cell relation-
ships between mechanical properties and traditional biomarkers can be performed to
3
best determine how effectively individual parameters indicate the differentiation state.
The capability to produce subpopulations of naive and differentiated stem cells will
enable more accurate study of the biology of differentiation. For example, nuclear
restructuring, including chromatin condensation [106, 112, 159] and increased lamin
A/C protein expression [106, 112], has been implicated in the ESC differentiation-
associated stiffening mechanism. Stiffness changes during differentiation have also
been hypothesized to be caused by cytoskeletal rearrangement [117,142,165].
The control and understanding of stem cell differentiation through purification
of heterogeneous populations will ultimately enable the biomanufacturing of desired
differentiated lineages and facilitate the clinical potential of stem cells.
1.3 Dissertation Overview
This dissertation presents cellular stiffness as a means both to identify the potency
of stem cells and to sort cells based on potency at the single-cell level, as summarized
in Fig. 1.1.
Figure 1.1: Dissertation Overview. A. The relationship between cell mechanics
and protein expression was assessed during the differentiation of both mesenchymal
stem cells and limbal stem cells. B. A new technique, single-cell genomechanics,
was created to assess the relationship between gene expression and cell mechanics
at the single-cell level. C. Microfluidic sorting was employed to enrich pluripotent
embryonic stem cells from their differentiated progeny.
Chapter 2 provides background information on stem cell biology and mechanics
and establishes the need for additional differentiation biomarkers and sorting meth-
ods. Chapter 3 investigates mesenchymal stem cell differentiation to the osteoblast
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lineage and demonstrates the use of cellular stiffness as an indicator of differentiation
relative to traditional protein markers. Chapter 4 evidences cellular stiffness as a
differentiation marker in stem cells from the corneal limbus and employs sensitivity
analysis to provide a direct link between differences in cellular stiffness and the ability
to sort using a stiffness-based microfluidic device. Chapter 5 details the biophysical
characterization of differentiating embryonic stem cells and subsequent mechanics-
based microfluidic sorting to enrich for pluripotent cells. Chapter 6 presents a novel
method to measure both the mechanics and multiplexed gene expression of individual
cells, enabling improved understanding of the relationships among stem cell mechan-
ics, structure, and differentiation.
Chapter 7 summarizes the research findings and concludes with a discussion of




2.1 Stem Cell Biology
Due to their inherent properties of self-replication and differentiation (Fig. 2.1), stem
cells can be engineered to serve as ”factories” that produce large numbers of cells
of a desired phenotype. Thus, stem cells hold great potential in tissue engineering
and patient-specific cell therapy. However, the lack of phenotype-specific molecular
markers hinders purification of target cell types for safe and efficient therapeutic
technologies. Current markers to identify target phenotypes after differentiation of
stem cells are not sufficiently specific to select cells of interest. Selection of specific cell
phenotypes will improve tissue engineering and cell therapies that depend on highly
pure starting cell populations.
To assess a broad range of potencies, mesenchymal stem cells (MSCs; middle
potency), limbal stem cells (LSCs; middle-low potency), and embryonic stem cells
(ESCs; high potency) were chosen for study. MSCs are considered multipotent and
can differentiate to osteoblasts, adipocytes, chondrocytes, and several other cell types.
LSCs are mainly responsible for producing corneal epithelial cells, but may also have
the capability of producing buccal cells, skin stem cells, or conjunctiva; thus, it is
unclear whether LSCs are considered multipotent or unipotent. ESCs are known to
be pluripotent and can differentiate into any somatic cell type.
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Figure 2.1: Stem Cell Potency. Stem cells range in potency from pluripotent
(dark gray) to multipotent (medium gray) to unipotent (light gray) based on the
number of cell types to which they can differentiate. As a stem cell differentiates, it
specifies into one of many lineages, as represented by different hues.
2.1.1 Mesenchymal Stem Cells
Human mesenchymal stem cells (hMSCs) hold great potential for autologous therapy,
highlighted by the properties of immunosuppression, migration to injured tissues, and
tissue repair via soluble factor secretion [75]. The immunosuppressive effect exhibited
by MSCs reduces the risk of transplant rejection highlighting MSCs as suitable candi-
dates for transplantation to repair damaged tissue [7]. MSC osteoblast differentiation
following bone graft incorporation may facilitate subsequent bone formation [4]. Cur-
rent techniques to isolate MSCs from bone marrow involve removal of non-adherent
cells via media change 3 h after plating on polystyrene dishes [129]. Such passive,
adhesion-based separation permits only binary control over the removal of undesired
cell phenotypes, such as hematopoietic stem cells, and may not result in optimal
purity [129].
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MSCs can be challenging to scale up, as MSC culturing is limited to about 40
population doublings in vitro. The process is also tedious, as the MSC isolation
process requires 3 weeks for completion [129]. Furthermore, the absence of donor-
and anatomical location-independent MSC biomarkers hampers MSC collection from
bone marrow or adipose tissue for clinical therapies [4], which establishes a need to
improve phenotype detection by identifying additional MSC biomarkers. Thus, there
exists a need to efficiently purify MSCs from bone marrow or adipose tissue in high
throughput in order to achieve the MSC clinical dose, which requires the infusion of
on the order of 108 cells [91].
2.1.2 Limbal Stem Cells
Limbal stem cells (LSCs) are found in the corneal limbus, which serves as the bound-
ary between the cornea and the sclera. LSCs are responsible for replenishing corneal
cells, and LSC deficiency (LSCD) or dysfunction is known to result in reduced eye-
sight caused by aging, chronic contact lens use, or traumatic injury, typically caused
by chemical or laser burns.
LSC tissue therapy is a promising option for restoring eyesight in patients with
LSCD. Indeed, Holoclar®, an ex vivo-expanded autologous LSC product, was the first
stem cell-based product to be clinically approved in Europe in February 2015. The
portion of the tissue graft comprised of stem cells is vitally important to the clinical
success of the implant. Patients with low numbers of LSCs in the healthy, contralat-
eral eye may be unable to benefit from the therapy. Thus, methods to improve the
number or fraction of LSCs in the implant are needed to improve effectiveness for all
patients.
2.1.3 Embryonic Stem Cells
The ability of embryonic stem cells (ESCs) to self-renew and differentiate to virtually
all somatic cell types demonstrates fantastic capacity to improve tissue engineering
8
and regenerative medicine. Efficient differentiation control technologies will permit
the use of ESCs as phenotype-specific cell factories to treat diseases characterized
by decreased functionality or quantity of a particular cell type [12] through stem
cell-enabled regeneration of target tissues, such as articular cartilage [103], bone [25],
liver [27], neurons [22], or heart tissue [93]. However, the elusiveness of efficient,
directed stem cell differentiation is a prime limitation in the study and therapeutic
use of ESCs.
Currently, expression of markers such as SSEA4, OCT4, and Nanog is used to iden-
tify pluripotent ESCs within heterogeneously differentiated cell populations. How-
ever, these pluripotency markers exhibit significant overlap and highly variable ex-
pression [60], highlighting the need for improved differentiation indicators. While
expression of pluripotency genes in ESCs has been well studied, markers of specific
differentiation lineages are still poorly defined.
Certain methods are successful in moderate enrichment of target phenotype differ-
entiation, but are not scalable to clinical cell quantities [14]. Growth factors or small
molecules may be used to direct ESC differentiation, but certain signaling pathways
do not have well defined chemical modifiers [12]. Differentiation is a step-wise process,
and directed differentiation becomes less efficient with each step [12], highlighting the
need to efficiently purify differentiated cells of target lineages, such as pancreatic,
cardiac, retinal pigment epithelium, and mechanosensitive hair cells [12].
Contamination of differentiated populations with pluripotent stem cells is a ma-
jor problem in stem cell biomanufacturing that poses considerable safety concerns,
particularly due to the tumorigenicity of pluripotent ESCs [125]. In concert with fu-
ture advances in directed ESC differentiation, technologies to remove contaminating
pluripotent ESCs from differentiated cell populations will potentially reduce teratoma
formation, thereby improving the safety and efficiency of clinical stem cell treatments.
Embryonic stem cells (ESCs), which normally grow in suspension, will be used as
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a model system to study single-cell correlations between cell mechanics and biologi-
cal states. ESCs also have well-established pluripotency biomarkers, including Oct4,
Nanog, and Sox2. Lamin A is known to both modulate cell stiffness and regulate
phenotypic stem cell gene expression [137], implying a connection between differenti-
ation state and cell stiffness. However, the mechanisms underlying these changes are
not well understood.
2.2 Stem Cell Mechanics
As an inherent property of individual cells, Young’s modulus holds great potential as a
single-cell, label-free differentiation biomarker with direct applications to microfluidic
cell sorting and phenotype identification. Compared to extracellular protein markers,
which are commonly used to distinguish cell phenotype in a sorting context, cellular
stiffness is easily attributable to individual cells, and thus may serve as a candidate
differentiation marker.
The differentiation potential of adipose-derived stem cells has previously been
correlated with cell mechanical properties [59], which serves as a proof-of-concept
that cell stiffness may be employed to create pure cells of a desired differentiation
state. Furthermore, recent technologies have permitted high throughput probing of
cell mechanical properties such as deformability [60] as well as sorting based on cell
stiffness [156] or adhesion strength [128]. Continued study is needed to further hone
the existing technologies for application to specific identification and enrichment of
desired stem cell phenotypes.
Young’s modulus is attributable to individual suspended cells, and thus poten-
tially lends itself to phenotypic cell sorting applications. Recent developments in
cell separation by adhesion [128] and stiffness [72, 156] indicate future label-free cell
sorting capabilities, even where molecular biomarkers are not fully established.
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2.3 The Need for Novel Biomarkers and Sorting Methods
Cellular stiffness, an intrinsic cell property, may serve as a novel biomarker that can
be used to improve phenotype identification and purification methods, in addition to
established molecular biomarkers and cellular morphological indicators. Therefore,
the objective of this work is to employ mechanical characterization and microfluidic
technology to assay cell mechanical properties and sort heterogeneous cell popula-
tions by mechanical stiffness and according to phenotype. The central hypothesis is
that differential cell stiffness may be harnessed to obtain enriched populations of de-
sired cell phenotypes. Utilization of cell mechanical properties may represent a novel
approach to identify and purify target cells, derived from more potent cells such as
embryonic stem cells, even though appropriate phenotypic biomarkers are not well
established. Although it has been shown that cellular stiffness can change as a stem
cell differentiates, the precise relationship between cell mechanics and other pheno-
typic properties remains unclear. Single-cell analysis will be employed to determine
how changes in cell stiffness correlate with changes in molecular biomarkers during
differentiation.
The lack of reliable cell-surface or intracellular phenotype markers precludes cur-
rent techniques from successful phenotype identification. The efficiency of the widely
used affinity-based cell separation methods, such as florescence- and magnetic-activated
cell sorting, is limited by the specificity of cell surface differentiation markers [39]. The
current phenotype identification methods require well-defined molecular biomarkers,
fluorescent-labeled antibodies, and trained scientists to stain the cells and analyze the
results. Furthermore, isolation of extracellular matrix constituents, which are com-
monly used to identify phenotype of large populations of cells, requires dissociative,
cell-destructive methods to implement. Thus, locally synthesized proteins are diffi-
cult to distinguish from matrix-trapped proteins derived from other sources, such as
serum. Altogether, these facts emphasize a need for additional cell-specific markers
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to identify cell phenotype.
Therefore, a device that does not rely on cell surface markers was developed to be
used in addition to or in replacement of affinity-based methods. Employment of cell
stiffness, an intrinsic biophysical marker, as a basis for cell sorting, also circumvents
costly antibody labeling and laborious sample preparation. Cell stiffness represents a
single, integrated measure of the complicated physiology occurring within a cell and
thus offers a unique opportunity to probe complex biology via a single parameter.
Microfluidic technology will therefore be utilized to enrich target cell types based on
their mechanical properties. Revelation of additional differentiation indicators, such
as cell stiffness, can improve identification and collection of starting cell populations,
with applications to stem cell-based therapies and tissue engineering.
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CHAPTER III
MECHANICAL STIFFNESS AS AN IMPROVED
SINGLE-CELL INDICATOR OF OSTEOBLASTIC
HUMAN MESENCHYMAL STEM CELL
DIFFERENTIATION1
3.1 Abstract
Although it has been established that cellular stiffness can change as a stem cell
differentiates, the precise relationship between cell mechanics and other phenotypic
properties remains unclear. Inherent cell heterogeneity and asynchronous differenti-
ation complicate population analysis; therefore, single-cell analysis was employed to
determine how changes in cell stiffness correlate with changes in molecular biomark-
ers during differentiation. Design of a custom gridded tissue culture dish facilitated
single-cell comparisons between cell mechanics and other differentiation biomarkers by
enabling sequential measurement of cell mechanics and protein biomarker expression
at the single cell level. The Young’s modulus of mesenchymal stem cells was shown
not only to decrease during chemically-induced osteoblast differentiation, but also to
correlate more closely with the day of differentiation than did the relative expression
of traditional osteoblast differentiation markers, bone sialoprotein and osteocalcin.
Therefore, cell stiffness, a measurable property of individual cells, may serve as an
improved indicator of single-cell osteoblast differentiation compared to traditional bi-
ological markers. Revelation of additional osteoblast differentiation indicators, such
as cell stiffness, can improve identification and collection of starting cell populations,
1Portions of this chapter were reproduced from [19].
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with applications to mesenchymal stem cell therapies and stem cell-based tissue en-
gineering.
3.2 Introduction
Human mesenchymal stem cells (hMSCs) hold great potential for autologous therapy,
highlighted by the properties of immunosuppression, migration to injured tissues, and
tissue repair via soluble factor secretion [75]. MSC osteoblast differentiation following
bone graft incorporation may facilitate subsequent bone formation [4]. However, the
absence of donor- and anatomical location-independent MSC biomarkers hampers
the collection of MSCs from bone marrow or adipose tissue for clinical therapies [4],
which establishes a need to improve phenotype detection by identifying additional
MSC biomarkers.
The lack of reliable cell-surface or intracellular markers of terminal MSC osteoblast
differentiation precludes techniques such as fluorescence-activated cell sorting from
successful phenotype identification. Common markers of MSC osteoblast differen-
tiation, including alkaline phosphatase, osteopontin, and osteonectin, peak prior to
mineralization of the extracellular matrix [6, 152], and are therefore not optimal for
definitive phenotype identification. Two other MSC osteoblast differentiation mark-
ers, bone sialoprotein (BSP) and osteocalcin (OCN), are considered to be late os-
teogenesis markers, but are produced by other cells that form the mineralized ma-
trix [6, 152]. Isolation of extracellular matrix constituents, such as BSP, OCN, and
other common osteoblastic proteins, requires dissociative, cell-destructive methods.
Therefore, locally synthesized proteins are difficult to distinguish from matrix-trapped
proteins derived from other sources, such as serum. Altogether, these facts emphasize
a need for additional cell-specific osteoblastic markers to identify cell phenotype.
Compared to extracellular protein markers, cellular stiffness is easily attributable
to individual cells, and thus may serve as a candidate osteoblastic marker. Cellular
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stiffness has been proposed as an indicator of multiple cellular processes, including
cancer metastasis [31,35,136,162] and apoptosis [70,84], as well as stem cell differen-
tiation [24,101,106,112,139] and differentiation potential [59,65].
Previous cell mechanics experiments suggest that hMSC stiffness can change dur-
ing osteoblast differentiation [34, 40, 142, 165, 166], but the network of factors that
influences the observed stiffness changes is poorly understood. Moreover, the factors
that affect cellular stiffness are confounded by the mechanical heterogeneity of cell
populations and, in the case of stem cell studies, asynchronous differentiation kinet-
ics (Fig. 3.1A). Thus, inherent heterogeneity and asynchronous differentiation of stem
cell populations motivate the need for single-cell forms of analysis [38].
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Figure 3.1: hMSC Differentiation. A. Synchronous and asynchronous differen-
tiation modes can result in the same population-average differentiation state. How-
ever, the asynchronous differentiation of MSCs necessitates single-cell assays for the
most rigorous analysis of differentiation biomarkers. B. The staggered differentiation
scheme was employed such that earlier time points were induced to differentiate prior
to later time points. Thus, all cells completed osteoblast differentiation simultane-
ously, regardless of the differentiation time point, limiting the confounding effects
of substrate-induced stiffening. The scheme permitted the Young’s modulus to be
measured for all cells during a single AFM session.
In contrast to the population-wide correlations employed by other studies, a recent
study elegantly correlated the mechanical properties and differentiation potential of
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individual stem cell clones [59]. However, investigations of single-cell relationships
between mechanical properties and traditional biomarkers are needed to determine
how effectively individual parameters indicate the differentiation state. Consequently,
the objective of this study was to evaluate cell stiffness as a single-cell marker of hMSC
osteoblast differentiation in comparison to conventional phenotypic markers (BSP and
OCN).
The stiffness, morphology, and differentiation state of hMSCs undergoing os-
teoblast differentiation were assessed via atomic force microscopy (AFM) and imaging
of a fluorescent membrane lipid dye and immunofluorescent BSP and OCN stains, re-
spectively. Custom gridded Petri dishes were used to match individual cells measured
by AFM to those assayed by subsequent fluorescence imaging. To investigate the util-
ity of cell mechanics in reflecting differentiation state, single-cell correlations between
the day of differentiation and either mechanical or molecular markers were compared.
3.3 Methods
3.3.1 Cell Culture
Passage 1 bone marrow-derived hMSCs were obtained from Texas A&M (Donor
8002L). Immunophenotyping after expansion to passage 4 confirmed hMSC pheno-
type (Fig. 3.2). hMSC growth medium (16% fetal bovine serum [FBS, Atlanta Bio-
logicals, Flowery Branch, GA], 2 mM L-glutamine, and 1% penicillin/streptomycin
[P/S] in alpha minimum essential medium) was changed semiweekly. Normal human
osteoblasts (hOBs) were obtained from Lonza, and hOB growth medium (10% FBS,
1% P/S in Dulbecco’s modified Eagle’s medium) was changed every 48 hours. Upon
reaching 85% confluency, cells were washed with phosphate buffered saline (PBS),
detached using 0.25% trypsin/EDTA, and subpassaged at 60 cells/cm2 (hMSCs) or
1:2 (hOBs) until passage 4.
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Figure 3.2: hMSC Immunophenotyping. Fluorescence intensity histograms
were gated to indicate the percentage of putative hMSCs positive for the indicated
antibody (blue) compared to the relevant negative control (red; α=0.05). Putative
hMSCs were CD34-, CD45-, CD133-, CD73+, CD105+, and CD166+ (A-F), indicat-
ing MSC phenotype.
3.3.2 Osteoblast Differentiation
hMSC osteoblast differentiation was induced by semiweekly media changes of hMSC
growth medium supplemented with 10 nM dexamethasone, 20 mM -glycerol phos-
phate, and 50 µM L-ascorbic acid 2-phosphate [114]. To improve the consistency
of the AFM results, a staggered osteoblast differentiation scheme was employed, in
which earlier time points were induced to differentiate prior to later time points.
Thus, hMSCs undergoing 0, 3, 6, 10, 13, 17, and 20 days of osteoblast differenti-
ation (hMSC-OBs) reached the specified differentiation time points simultaneously
(Fig. 3.1B).
3.3.3 Gridded Petri Dishes
Gridded Petri dish manufacture is illustrated in Fig. 3.3A. Petri dishes were engraved
with a grid pattern chosen to facilitate matching of AFM cell mechanics data to im-
munofluorescence images (Figs. 3.3B–3.3D). The grid was engraved using a VLS3.50
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laser cutter (Universal Laser Systems, Scottsdale, AZ) with parameters optimized for
grid visibility, while minimizing the line width to approximately 75 µm.
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Figure 3.3: Gridded Petri Dish Manufacture. A. The gridded Petri dish design
allowed sequential measurement of live-cell stiffness and fluorescent protein biomarker
expression at the single cell level, enabling a cell-by-cell analysis of the relationships
among differentiation, mechanical, protein staining, and morphological factors. Force-
indentation data were used to evaluate the Young’s modulus of each cell. B. Following
engraving, the gridded Petri dish was covered with a glass coverslip, which prevented
the grid from influencing morphology during cell attachment. C. Magnified region of
interest of Panel B, indicated in blue. The design of the grid was chosen to facilitate
pinpointing of individual cells during AFM and fluorescence microscopy. Scale bar,
750 µm. D. Magnified region of interest of Panel C, indicated in red. The locations
of individual cells within the grid were recorded during AFM. Dashed black lines
indicate grid; scale bar, 25 µm. E. AFM stiffness measurements were taken using a
beaded cantilever to increase cell-probe surface area, thereby allowing measurement
of bulk cellular Young’s modulus. Scanning electron micrograph; scale bar, 10 µm.
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To prevent cell attachment to the sites of engraving, each grid was covered with
a glass coverslip. Engraved dishes and glass coverslips were soaked in 70% ethanol,
sterilized by UV light exposure, and attached using two-part epoxy. After curing for
24 h, sterile technique was used to apply petroleum jelly to the Petri dish surface,
but not the coverslip surface, thereby decreasing the effective dish surface area and
limiting the required volumes of cells and immunofluorescence reagents. The fully
assembled dishes were sterilized by UV light exposure before cell plating. Gridded
Petri dishes yielded similar hMSC morphology compared to glass and tissue culture
polystyrene surfaces.
3.3.4 Atomic Force Microscopy
Prior to AFM measurements, a 5.5 µm polystyrene bead (Bangs Labs, Fishers, IN)
was attached to a tipless silicon nitride cantilever (MLCT-O10, Bruker, Camarillo,
CA, Cantilever D, k=10-60 pN/nm) using two-part epoxy with 24 h curing time
(Fig. 3.3E). Compared to pyramidal probe geometry, the spherical probe increased
the probe-cell contact area and improved the accuracy of global cell stiffness mea-
surements [112,142].
Approximately 2,500 hMSC-OBs or hOBs were plated onto gridded Petri dishes
in their respective growth medium. Cells were adhered for 20-32 h and washed with
PBS before mechanical characterization using an atomic force microscope (Asylum
Research, Santa Barbara, CA) on a vibration isolation table (Herzan, Laguna Hills,
CA). Phase contrast microscopy (Eclipse Ti, Nikon, Melville, NY) was used to locate
the cells and to position the beaded probe over the center of each cell. Thermal cali-
bration [74] yielded the cantilever spring constant, k=19.80 pN/nm. A measurement
rate of 0.39 Hz and a probe velocity of 2.34 µm/s were used. The 2 nN force trigger
resulted in indentations of 250-500 nm for typical cells, corresponding to approxi-
mate contact areas of 4.3-8.6 µm2. To determine cellular Young’s modulus, IGOR
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software (Wavemetrics, Portland, OR) was used to apply the Hertzian contact model
to the portion of the extension force-displacement curves from 50-95% of the maxi-
mum indentation, over which range the Young’s modulus was generally independent
of indentation. The mean Young’s modulus of three measurements was calculated for
each cell, using indentation offset as a free variable and assuming cellular Poisson’s
ratio, ν=0.5.
3.3.5 Immunofluorescence Imaging and Image Processing
3.3.5.1 Single-Cell
Cells were fixed, permeabilized, and simultaneously stained for cell membrane (HCS
CellMask Blue, Invitrogen, Carlsbad, CA), BSP (anti-BSP and fluorescein isothiocyanate-
conjugated secondary antibody), and OCN (phycoerythrin-conjugated anti-OCN), as
detailed in the Supplementary Information.
Following immunofluorescence staining, cell identity was determined by loca-
tion within the grid using a Nikon Eclipse Ti microscope under halogen light illu-
mination and confirmed by comparison to images taken during AFM. Cell mem-
branes and antibody-labeled BSP and OCN were visualized using the 4’,6-diamidino-
2-phenylindole, fluorescein isothiocyanate, and tetramethylrhodamine isothiocyanate
excitation/emission filter sets, respectively. Individual cells were imaged using a Cool-
SNAP HQ2 camera (Photometrics, Tuscon, AZ).
The relatively high signal-to-noise ratio of the cell membrane images allowed use
of the ImageJ rolling ball algorithm to subtract the background from each image.
However, due to substantial background autofluorescence, the BSP and OCN images
were enhanced using a different method of background subtraction. ImageJ (National
Institutes of Health, Bethesda, MD) was used to generate background images for
each day of differentiation by averaging the intensity of raw BSP or OCN images and
applying a 25 µm Gaussian blur.
Spread cells have previously been shown to be stiffer than spherical cells [34],
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indicating that morphology may play an important role in apparent cell stiffness;
therefore, the morphology of each cell measured by AFM was quantified. CellProfiler™
[21] was used to identify the boundary of each cell by applying a background global
threshold to each corrected cell membrane image. ImageJ was used to characterize
cell morphology by calculating the minor and major axes, Feret’s diameter, perimeter,
area, aspect ratio, circularity, eccentricity, perimeter:area ratio, and roundness of
each cell boundary. Quantification of cell membrane images was validated by the
expected positive correlations among size descriptors as well as correlations between
factors, such as aspect ratio and eccentricity, which are directly mathematically linked
(see Supplementary Information). For each BSP and OCN corrected image, protein
staining was quantified as the fraction of pixels within the cell boundary that exceeded
a threshold value (percent area) [30,55]. Quantification of single-cell morphology and
protein staining is illustrated in Fig. 3.4.
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Figure 3.4: Scheme for Quantification of Cell Morphology and Differen-
tiation Biomarkers. 1. Each of three fluorescent channels was imaged to obtain
raw images of the cell membrane, bone sialoprotein (BSP), and osteocalcin (OCN)
stains. 2. The rolling ball background correction algorithm was applied to the raw
membrane image. 3. For each day of differentiation, ImageJ was used to average
the raw BSP and OCN images and apply a Gaussian blur to generate a background
image. The background images were subtracted from the raw images, resulting in the
corrected BSP and OCN images. 4. CellProfiler was used to detect the boundary of
the cell using the corrected cell membrane image (yellow). 5. Morphological factors
were determined from the cell boundaries using ImageJ. For each BSP and OCN cor-
rected image, protein staining was quantified as the fraction of pixels within the cell
boundary that exceeded a threshold value.
3.3.5.2 Population
hMSC-OBs and hOBs were plated at 8,050 cells/cm2 on glass coverslips, stained as
described above, and mounted on glass slides prior to imaging. Cell membranes,
BSP, and OCN were imaged and background corrected a priori. The boundaries of
naive hMSCs were identified using a classifier generated by ilastik software [131] and
3-class Otsu global thresholding in CellProfiler™, and the identified region was used
for quantification. Since all other hMSC-OBs and hOBs were confluent, the entire
image was used for quantification. BSP and OCN staining was quantified as described
above. Threshold values for each fluorescent channel were identical for single-cell and
cell population images.
3.3.6 Statistics
Due to the unequal sample size, heteroscedasticity, and non-normal distribution of
the AFM data, parametric bootstrapping was performed (10,000 iterations) using a
MATLAB (MathWorks, Natick, MA) routine. Differences in mean Young’s moduli
for the 7 hMSC-OB time points and the hOB sample were compared by bootstrapping
one-way ANOVA, yielding p=0.0002. Post-hoc analysis was performed using pairwise,
heteroscedastic bootstrapping Student’s t-tests.
225 total cells from the 7 hMSC-OB time points and the hOB sample were tested
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for pairwise correlations among phenotypic properties. Using JMP software (SAS In-
stitute, Cary, NC), pairwise, nonparametric Spearman’s correlation coefficients were
calculated to test for monotonic trends among the 14 single-cell differentiation, me-
chanical, protein staining, and morphological variables and among the day of differ-
entiation and population protein staining variables. For the purposes of correlation
calculations, the hOB time point was considered to be after Day 20 of hMSC differen-
tiation. Two-tailed p-values (H0: ρ=0) were calculated for each correlation coefficient
using Student’s t-test.
All obtained p-values were adjusted using Holm’s procedure for multiple compar-
isons. Since Holm’s adjusted p-values tend to be conservative, α=0.10 was chosen.
Original and adjusted p-values are listed in the Supplementary Information.
3.4 Results
3.4.1 Cell Mechanics
Before investigating the relationships between cellular stiffness and molecular dif-
ferentiation biomarkers, stiffness trends during differentiation were examined. The
stiffness values of passage 4 hMSCs from two donors were not significantly differ-
ent (Fig. 3.5, p=0.368), so donor 8002L was used for the remainder of the study.
Analysis of force-indentation curves generally yielded higher Young’s moduli for hM-
SCs than hOBs (Fig. 3.6A). Although the stiffness data were highly variable (coeffi-
cient of variation>0.5), stiffness generally decreased during osteoblast differentiation
(Fig. 3.6B). Importantly, Day 20 hMSC-OBs were significantly softer than naive hM-
SCs (padjusted=0.083), but not hOBs (Fig. 3.6C, padjusted=1.000).
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Figure 3.5: Donor-Independent Stiffness. hMSC stiffness was not significantly
different for two cell donors (Student’s independent t-test; p=0.368, α=0.05, lines
indicate mean ± standard error).
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Figure 3.6: Atomic Force Microscopy. A. Three force-indentation curves per cell
were fit to the Hertzian contact model to calculate the mean Young’s modulus. Repre-
sentative force-indentation curves yielded mean Young’s moduli of approximately 4.3
kPa for the naive hMSC (blue), and 1.9 kPa for the hOB (red). B. Young’s modulus
generally decreased as osteoblast differentiation progressed, although a large degree
of variation was observed (coefficient of variation>0.5). Lines indicate mean stan-
dard error. Day 0, n=26; Day 6, n=28; others, n=30. C. Statistical significance of
mean Young’s modulus differences among the 8 cell conditions is displayed. Impor-
tantly, Day 20 hMSC-OBs were significantly softer than naive hMSCs, but not hOBs.
Holm’s adjusted p-values range from 0 (bright red) to 1 (bright blue). Crosshatch
pattern indicates that the difference between mean Young’s moduli is not statistically
significant (α=0.10).
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3.4.2 Pairwise Correlations Among Single-Cell Parameters
Spearman’s correlations were calculated among the differentiation, mechanical, pro-
tein staining, and morphological parameters for each cell (Fig. 3.7A). A significant
inverse relationship between Young’s modulus and the day of differentiation was
supported by the Spearman’s correlation coefficient (ρ=-0.214, padjusted=0.055) and
the partial Spearman’s correlation coefficient (r=-0.145,p=0.033, Supplementary Ex-
cel Sheet 1), substantiating the observed decrease in stiffness during differentiation.
Young’s modulus correlated positively and significantly with major axis, Feret’s diam-
eter, perimeter, and area, but negatively and significantly with circularity, indicating
that the stiffest cells were generally large and elongated (Fig. 3.7A).
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Figure 3.7: Single-Cell Correlation Color Matrix. A. For 225 individual
cells, values of the 14 differentiation, mechanical, protein staining, and morphologi-
cal parameters were determined from AFM data and fluorescence image processing.
Staining for BSP and OCN was quantified as the fraction of pixels within the cell
boundary that exceeded a threshold value (percent area). Pairwise Spearman’s corre-
lation coefficients among the 14 variables are displayed. Spearman’s rank correlation
coefficients range from -1 (bright blue) to +1 (bright red). Crosshatch pattern in-
dicates a correlation that was not statistically significant based on Holm’s adjusted
p-values (α=0.10). Day 0, n=26; Day 3, n=29; Day 6, n=24; Day 20, n=27; hOBs,
n=29; others, n=30. A significant inverse relationship between Young’s modulus
and the day of differentiation was observed. The strong, positive correlation between
bone sialoprotein (BSP) and osteocalcin (OCN) staining appears to suggest that BSP
and OCN staining both reflect osteoblast differentiation as expected. However, cor-
relations between the day of differentiation and protein staining were weak and not
statistically significant. B. For each cell condition, the correlation between BSP (top,
blue) or OCN staining (bottom, red) and Young’s modulus was weak (|ρ| < 0.45) and
not statistically significant (for other time points, see Fig. 3.8).
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The strong, positive correlation between single-cell BSP and OCN suggested coor-
dinated protein expression changes, which is expected since BSP and OCN are both
osteoblast differentiation markers. However, correlations between the day of differ-
entiation and protein staining for individual cells were weak and not statistically
significant (BSP, ρ=0.198, padjusted=0.107; OCN, ρ=0.181, padjusted=0.230). For indi-
vidual days of differentiation, the correlations between protein staining and Young’s
modulus were also weak (|ρ| < 0.45) and not statistically significant (Figs. 3.7B, 3.8;
BSP, padjusted=1.000; OCN, padjusted=0.960).
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Figure 3.8: Single-Cell Correlation Scatter Plots. For each cell condition,
the correlation between Young’s modulus and bone sialoprotein (blue) or osteocalcin
staining (red) was weak (|ρ| < 0.45) and not statistically significant. From top to
bottom, the rows indicate hMSC-OBs after 3, 6, 10, 13, and 17 days of differentiation.
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The increase in BSP and OCN staining intensity during differentiation was more
pronounced for population than single-cell staining (Fig. 3.9). The weak correlations
(|ρ| < 0.2) between single-cell protein staining and the day of differentiation corrob-
orated the weak, not statistically significant correlations between single-cell protein
staining and Young’s modulus.
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Figure 3.9: Biomarker Changes During hMSC Differentiation. A. The dif-
ference in bone sialoprotein (BSP) and osteocalcin (OCN) staining between the rep-
resentative naive hMSC and hOB images was visually more apparent for population
than single-cell images, indicating that BSP and OCN staining may more rigorously
indicate osteoblast differentiation for cell populations than single cells. Scale bars,
50 µm. B. BSP and OCN staining did not appear to trend strongly with the day
of differentiation for single-cell staining, but population staining revealed more abun-
dant protein staining for the later days of differentiation (mean + standard error).
C. Correlations between the day of differentiation and protein staining were weaker
for single-cell than population staining. Spearman’s rank correlation coefficients range
from -1 (bright blue) to +1 (bright red). Checkerboard pattern indicates a correla-
tion that was not statistically significant based on Holm’s adjusted p-values (α=0.10).
Single-cell data are repeated from Fig. 3.7A, but Holm’s adjustment was reapplied
using N=3 for purposes of comparison.
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3.5 Discussion
During chemically-induced hMSC osteoblast differentiation, decreases in cellular stiff-
ness, size, and circularity were observed. Whereas Young’s modulus indicated differ-
entiation of single cells, staining for BSP and OCN indicated differentiation more
robustly at the population than the single-cell level.
The cellular softening observed during hMSC osteoblast differentiation may have
resulted from concurrent changes in the underlying cellular structure. Recent stud-
ies predicted stem cell differentiation fate based on the combination of several actin
filament morphology descriptors [144]. F-actin staining parameters, including mean
intensity, total intensity, and the number of F-actin branches, changed during hMSC
osteoblast differentiation [144]. Furthermore, the cellular softening observed during
osteoblast differentiation has been attributed to a simultaneous transition from many
thicker actin fibers to a fewer number of thinner actin fibers in hMSCs [142, 165]
and amniotic fluid-derived stem cells [24]. In hMSCs, actin stress fibers were long,
thin, parallel, and oriented along the major axis of the cell; cytoskeletal rearrange-
ment during osteoblast differentiation resulted in hMSC-OBs with thicker, disordered
actin filaments [117, 142, 165]. Interestingly, the actin organization of the spindle-
shaped rapidly self-renewing hMSC subset matched the expected hMSC phenotype,
but the flat cell hMSC subset matched the osteoblast phenotype [40]. The presence of
hMSC morphology subsets indicates the large degree of hMSC heterogeneity, which
may partially explain the large degree of stiffness variation observed in naive hMSCs
(Fig. 3.6B).
To further investigate the notion of cytoskeletal rearrangement during osteoblast
differentiation, raw gene expression data for Day 0, 1, 7, and 10-14 hMSC-OBs and
hOBs [62] were downloaded from the gene expression omnibus dataset GSE 12267
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(http://www.ncbi.nlm.nih.gov/geo/) and analyzed by gene set enrichment anal-
ysis (GSEA) and differential expression analysis (DEA), as described in the Supple-
mentary Information. GSEA indicated that the chromosome, chromatin, and cy-
toskeleton cellular component ontologies were relevant to the phenotypic differences
between hMSCs and hOBs. Furthermore, genes identified by DEA as differentially
expressed between hMSCs and hOBs were found to be significantly enriched in cy-
toskeleton remodeling-related maps (Figs. 3.10, 3.11). Several genes related to actin
binding and regulation of the actin cytoskeleton were decreased (ACTN1 [α-actinin-
1], ACTG2, ACTR2, ANLN, FBLIM1) or increased (TWF1 [twinfilin], ADD3, and
GSN [gelsolin]) in hOBs relative to hMSCs (Supplementary Excel Sheet 2). Time
course analysis also identified 222 genes with consistent expression increase during
osteoblast differentiation (Supplementary Excel Sheet 3).
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Figure 3.10: Cytoskeleton Remodeling TGF WNT Map. Genes differentially
expressed between hMSCs and hOBs are depicted as red thermometers (increased
expression in hOBs) or blue thermometers (increased expression in hMSCs).
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Figure 3.11: Cytoskeleton Remodeling Map. Genes differentially expressed
between hMSCs and hOBs are depicted as red thermometers (increased expression in
hOBs) or blue thermometers (increased expression in hMSCs).
Gene expression analysis suggested that cytoskeletal remodeling during osteoblast
differentiation may result from the combined effects of reduced G-actin polymeriza-
tion, reduced F-actin cross-linking, and enhanced severing of actin filaments. Re-
duced G-actin polymerization in hOBs was indicated by decreased expression of actin
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monomers (e.g. ACTG2), twinfilin-mediated sequestration of G-actin [102], and de-
creased activity of the Arp2/3 complex. Reduced F-actin cross-linking in hOBs was
indicated by decreased expression of α-actinin-1, which is critical in leading edge focal
adhesion maturation during cell spreading [82]. Decreased expression of α-actinin-1
in hOBs may therefore partially explain the positive correlation between cell size and
stiffness (Fig. 3.7A). Increased expression of twinfilin and gelsolin suggested enhanced
severing of actin filaments in hOBs. Gene expression analysis therefore supported
actin cytoskeletal rearrangement during osteoblast differentiation.
Previous work has directly linked actin reorganization to cell stiffness changes.
Cells characterized by ordered actin filament geometry tended to be stiffer than cells
with disordered actin fibers [79, 162]. Furthermore, α-actinin-1, which was increased
in hMSCs relative to hOBs, crosslinks actin filaments and increases the stiffness of
the actin filament network [49, 160]. Therefore, based solely on actin fiber organiza-
tion, hMSCs would be expected to soften during osteoblast differentiation, as shown
previously [24, 142] and in the present study. Furthermore, the connections between
cellular stiffness and reported changes in cytoskeletal gene expression lend credence
to the observed softening during osteoblast differentiation.
The mechanics data of spread morphology hMSCs during osteoblast differentia-
tion is characterized by a large degree of variation [34, 40, 142, 165]. Thus, measures
were taken to control substrate-induced stiffening and cell density, which could other-
wise confound stiffness data since naive MSC stiffness increases with the duration of
growth in vitro [92]. Passage 4 cells were used throughout the study to keep the total
amount of time in vitro constant and reduce confounding substrate-induced stiffness
changes. Furthermore, a staggered differentiation scheme was employed, allowing all
cells to grow on tissue culture polystyrene for an equal amount of time before AFM
analysis. Cells were also trypsinized and replated approximately 1 day before AFM
measurements. Adhesion of the replated cells may have resulted in some differences in
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differentiation from traditional induction assays; however, replating at low cell density
limited morphology changes due to uncontrolled cell-cell contact, which can influence
cell mechanics measurements [44]. Factors that could otherwise confound stiffness
comparisons between differentiation time points were controlled, which strengthens
the claim that cell stiffness decreases during osteoblast differentiation.
BSP and OCN are commonly used to indicate osteoblast differentiation, but cor-
relations between the day of differentiation and single-cell protein staining were not
significant (Fig. 3.7A). The trend between protein staining and the day of differenti-
ation was stronger for population staining than single-cell staining (Fig. 3.9C), which
may reflect the extracellular localization of BSP and OCN as well as the concept of
asynchronous osteoblast differentiation. Unlike single-cell staining, population aver-
aged protein staining cannot detect subsets of cells that express BSP or OCN at any
one time, as previously observed in the formation of nodules prior to hMSC osteoblast
differentiation [6]. Young’s modulus may therefore provide additional and improved
information on the osteoblastic state of single cells.
As a label-free property of individual cells, Young’s modulus holds great poten-
tial in phenotype identification. Furthermore, Young’s modulus is attributable to
individual suspended cells, and thus potentially lends itself to phenotypic cell sorting
applications. Recent developments in cell separation by adhesion [128] and stiff-
ness [73, 156] indicate future label-free cell sorting capabilities for cases in which
molecular biomarkers are not fully established. Continued investigation of various
differentiation lineages, beyond the osteoblast differentiation considered in this study,
is required to further understand and use mechanical differentiation indicators. Addi-
tional characterization of stiffness and other cell-intrinsic physical properties promises




CELLULAR STIFFNESS AS A NOVEL STEMNESS
MARKER IN THE CORNEAL LIMBUS1
4.1 Abstract
Healthy eyes contain a population of limbal stem cells (LSCs) that continuously re-
new the corneal epithelium. However, each year, 1 million Americans are afflicted
with severely reduced visual acuity caused by corneal damage or disease, including
limbal stem cell deficiency (LSCD). Recent advances in corneal transplant technology
promise to repair the cornea by implanting healthy LSCs to encourage regeneration;
however, success is limited to transplanted tissues that contain a sufficiently high
percentage of LSCs. Attempts to screen limbal tissues for suitable implants using
molecular stemness markers are confounded by the poorly understood signature of
the LSC phenotype. For cells derived from the corneal limbus, we show that the
performance of cell stiffness as a stemness indicator is on par with the performance
of ∆NP63α, a common molecular marker. In combination with recent methods for
sorting cells on a biophysical basis, the biomechanical stemness markers presented
here hold the potential to rapidly purify LSCs from a heterogeneous population of
corneal cells, thus potentially enabling clinicians and researchers to generate corneal
transplants with sufficiently high fractions of LSCs, regardless of the LSC percentage
in the donor tissue.
1Portions of this chapter were reproduced from [18].
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4.2 Introduction
Each year, more than 1 million Americans suffer impaired eyesight resulting from
cornea damage, which may arise from either a congenital cause, such as aniridia-
related keratopathy, or an acquired cause, such as chemical or blast injury and
Stevens-Johnson syndrome [147]. The resulting dysfunction of limbal stem cells
(LSCs), a population of stem cells located in the basal epithelium at the corneoscleral
limbus that maintains the cornea, has been recognized as a major cause of prolonged
visual loss and blindness [42, 124]. Such LSC dysfunction results in limbal stem
cell deficiency (LSCD), a disease characterized by the loss of corneal integrity and
impaired corneal wound healing that can result in blindness (reviewed in [2]). Cur-
rent treatments for LSCD typically entail transplantation of tissue from allogeneic
or autologous donors [66]. Transplants sourced from allogeneic donors are limited
by the high risk of immunorejection and the general necessity of a life-long immuno-
suppressive drug regimen [42]. Autologous transplantations are beneficial for unilat-
eral conditions, which typically result from traumatic eye injury, but have limited
benefit in the treatment of bilateral congenital eye diseases [69]. Interestingly, the
clinical success of transplantation depends not only on the total number but also
on the percentage of stem cells in the graft [110]. Transplant success was found to
substantially improve when LSCs, defined as ∆NP63α-positive, holoclone-forming
cells, comprised 3% or greater of the transplanted cells [115], further illustrating the
importance of sufficiently high LSC percentages. However, the ex vivo expansion
and transplantation of autologous limbal tissue acquired from contralateral biopsy
is fettered by the laborious collection of sufficiently high numbers and percentages
of transplanted LSCs [109, 115, 138], which must be performed rapidly to ensure cell
viability. Furthermore, the high patient-to-patient variability in the starting percent-
age of LSCs taken from the tissue biopsy diminishes the utility of ex vivo culturing
to treat LSCD with stem cells [115]. Cell enrichment techniques are therefore vital
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to the improved treatment of LSCD. Current enrichment methods, which are based
on the use of antibodies to select for limbal stem or progenitor cells, include mag-
netic bead capture and flow cytometry [3, 83, 146]. Such immunologically-based cell
enrichment techniques, while useful, are limited by the need for appropriate cell type-
specific antibodies. Antibodies against ATP-binding cassettes sub-family G member
2(ABCG2) and sub-family B member 5 (ABCB5) have been successfully used to en-
rich the LSC population, but also enrich for other ABCG2- or ABCB5-expressing
cells present in the limbus and cornea [5,53,83,108]. The use of antibodies to identify
LSCs in the clinic is cumbersome, requiring approximately 15 hours of laborious cell
processing, and can subsequently affect cellular physiology if the epitope is associated
with a functionally important protein domain [36, 68, 105]. A label-free microfluidic
device that sorts based on cellular biomechanical properties offers cost and labour
advantages over current methods and may provide sufficient enrichment to serve as
an alternative or additional approach to antibody-based techniques. Therefore, cou-
pled with label-free cell enrichment approaches, the identification of new biophysical
markers of LSCs could greatly improve LSCD treatment by enabling a faster and
cheaper process to collect stem-like cells. Recently, cell mechanical properties, in-
cluding stiffness (i.e. Young’s modulus) and size, have been shown to distinguish
stem cell phenotypes from differentiated cells at the single-cell level for various stem
cell types [19, 34, 112, 118, 165]. Changes to biomechanical properties during stem
cell differentiation could enable microfluidic approaches for on-the-fly analysis and
sorting of stem cells from differentiated cells. Although LSCs have been character-
ized by small diameter and high nucleus-to-cytoplasm ratio in comparison to other
cells from the limbal region [5,10,118], complete biophysical characterization of LSCs
in relation to the surrounding corneal cells has not yet been achieved. We present
a complete analysis of LSC mechanics, in congruence with the progenitor marker
∆NP63α, which is expressed in LSCs and progenitor cells but not differentiated
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cells. The results indicate that cell deformability represents a distinct biophysical
marker for stemness identification of cells derived from the corneal limbus. Thus, cell
mechanical properties can potentially be used as phenotypic markers for rapid, label-
free, microfluidic enrichment of LSCs from corneal tissue as a step towards improving
the clinical treatment of LSCD patients.
4.3 Materials and Methods
4.3.1 Cell Isolation and Cell Culture
Human limbal epithelial cells (LECs; Life Technologies, Carlsbad, CA; #C-018-5C)
were obtained from the manufacturer. Each lot was characterized by the manufacturer
as positive for cytokeratin 15 and ∆NP63α immunofluorescent staining. The cells
were thawed and cultured as described by the manufacturer. LECs were maintained in
culture media with a low calcium concentration (30 M), as previously described [94].
At passage 0, the undifferentiated LECs were stained for ∆NP63α and ABCG2
(LEC lot 1645759) or mechanically characterized by atomic force microscopy (LEC lot
1163447). Differentiated LECs were obtained by long-term in vitro culture (4 weeks, 2
passages; LEC lot 1163447). The differentiated LECs were either stained for ∆NP63α
and ABCG2 or mechanically characterized. The central cornea was dissected from
a 70-year-old cadaveric human cornea within 36 h post-mortem (Georgia Eye Bank,
IRB #10336-4). To obtain a dissociated cell suspension, the corneal tissue was cut
into 2-4 mm pieces and incubated with 2.4 units/mL Dispase II (Roche Diagnostics,
Risch-Rotkreuz, Switzerland) for 1 h at 37°C. Cells were recovered by incubation with
0.5 M ethylenediaminetetraacetic acid (EDTA; Invitrogen, Carlsbad, CA) for 10 min




LECs and differentiated LECs were adhered to glass coverslips, fixed with 4% paraformalde-
hyde, permeabilized in a buffer containing 0.5% Triton X-100, and blocked with 6%
donkey serum and 0.3% Triton X-100 at room temperature for 1 h. Slides were incu-
bated with primary antibody against human ∆NP63α (Abcam, Cambridge, United
Kingdom; #ab111449; 1:50) or ABCG2 (Abcam #ab24114; 1:20) overnight at 4°C,
washed in phosphate buffered saline containing 0.05% Tween (PBST), and incubated
with 488 or 594 DyLight-conjugated secondary antibody (Jackson Immunoresearch,
West Grove, PA; 1:1000) for 1 h and 4’,6-diamidino-2-phenylindole (DAPI; 1:10,000)
for 5 min. Images were acquired using a Zeiss LSM510 confocal microscope and Zeiss
AxioVision image acquisition software. Cadaveric human cornea tissue was fixed with
4% paraformaldehyde overnight. The tissue was dehydrated using an ethanol gradi-
ent (2 h each of 70%, 80%, 90%, 95%, and 100% ethanol) and then embedded in
paraffin. 7 µm-thick sections were prepared on a microtome, dewaxed in xylene, and
rehydrated through an ethanol gradient to distilled water. The tissue sections were
mounted on glass slides, covered with 0.05% trypsin solution, incubated for 5 min
at 37°C, and rinsed with PBST. The sections were then stained for ∆NP63α and
imaged, as described above. For clarity, the central cornea images were cropped to
remove the stroma.
4.3.3 ∆NP63α and ABCG2 Image Quantification
To verify the phenotype of each population, the percentage of ∆NP63αbright cells was
quantified (Fig. 4.1A; LEC, n=335; differentiated LEC, n=297). ImageJ (National
Institutes of Health, Bethesda, MD) was used to transform the images into the hue-
saturation-brightness colour space and extract the brightness channel of both DAPI
and ∆NP63α images for further analysis. CellProfiler [21] was used to identify cell
nuclei using the Otsu threshold method on the DAPI images. The ∆NP63α staining
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associated with each nucleus was determined using the background threshold method
and the propagation method of secondary object identification [76], seeded by the
previously identified nuclei. Cells with nuclei or associated ∆NP63α staining that
touched the border of the image were excluded from quantification. Since images




, where NA and M are the numerical aperture and magnification,
respectively, of the objective. Cells were defined as ∆NP63αbright if the mean in-
tensity exceeded 6.1% dynamic range, at which point the lower confidence interval
bound of the diagnostic odds ratio was maximal (see Figs. 4.3D, 4.10E). The chosen
threshold thus represents the point at which the confidence in a high diagnostic odds
ratio is maximal.
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Figure 4.1: Image Quantification. The nuclei of limbal epithelial cells (LECs)
and differentiated LECs were first stained with DAPI to serve as a seed for the
identification of individual cells. The seeds were used to identify either the ∆NP63α-
stained area (panel A, second row, white outlines), as identified by ∆NP63α intensity
(yellow), or the cytoplasmic area (panel B, second row, white outlines), as identified
by ABCG2 (yellow). The cellular boundaries are similar whether defined by the
brightfield images or the automatically identified cytoplasmic areas (panel B, fourth
row, yellow outlines). Scale bars, 50 µm.
Similarly, ABCG2 images were used to identify the cytoplasmic region of each cell
(Fig. 4.1B; LEC, n=248; differentiated LEC, n=113). The cytoplasmic area was used
to quantify the diameter and aspect ratio of each cell. In combination with the nuclear
area identified from the DAPI images, the cytoplasmic area was used to calculate the
nucleus-to-cytoplasm ratio. The intact tissue images of the central cornea could not
be quantified in comparison to the LECs and differentiated LECs due to the close
cell proximity confounded by the high variability in sample thickness.
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4.3.4 Atomic Force Microscopy
Cells were plated on poly-L-lysine-coated glass dishes and immobilized during 16-24
h incubation at 37°C. The LECs were immobilized in stem cell maintenance media
until immediately before mechanical probing to discourage differentiation. To sim-
plify the tip-cell contact geometry, 5.5 µm polystyrene beads were attached to tipless
silica nitride cantilevers (Bruker Probes, Camarillo, CA) using two-part epoxy, and
dried overnight. Mechanical properties of individual cells were obtained from force-
indentation curves recorded with an atomic force microscope (Asylum Research, Santa
Barbara, CA) with an integrated optical microscope (Nikon, Melville, NY) on a vibra-
tion isolation table. The Sader calibration method [123] was used to obtain cantilever
spring constants (k ≈ 15 pN/nm) based on the thermal vibration of the cantilever.
The positions of the z-piezo and the cantilever deflection, ∆x were acquired simultane-
ously (Fig. 4.2A, blue) to obtain the cell indentation, δ (red). The force, F , exerted
on the cell was calculated using the cantilever spring constant, k, by F = k · ∆x.
Mechanical analysis of the stiffness and viscoelastic properties is illustrated for an
idealized cell in Figs. 4.2B–4.2E.
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Figure 4.2: Mechanical Phenotyping via Atomic Force Microscopy. A. A
beaded cantilever was used to probe the mechanical properties of individual cells.
The positions of the z-piezo and laser were used to calculate the cantilever deflection,
∆x, and the indentation, δ. The force, F , exerted on the cell was calculated from the
cantilever spring constant, k, by F = k · ∆x. Panels B-E illustrate the mechanical
analysis of an idealized cell with an indentation-independent Young’s modulus of
1.7 kPa. B. The cantilever was driven toward the cell with a velocity, v, of 2 µm
s
.
The increase in indentation at t = −0.5 s indicated cantilever-cell contact. The
driving velocity was maintained to exert a compressive force on the cell until the
force trigger of 5 nN was reached, completing the compression segment of the curve.
The cantilever position was then maintained on the surface of the cell for 1 s while
the unforced cellular relaxation response was recorded (relaxation segment). C. The
compression segment of the force-indentation curve was used to determine the cellular
Young’s modulus, which is directly related to the slope of the curve. D. The Hertzian
model, which describes sphere-sphere contact, was employed to calculate the cellular
Young’s modulus, E. The model was fit to the force-indentation curve over the range
of 50-95% force (panel C, blue dashed line). E. The Maxwell-Wiechert model (with
2 Maxwell elements) was fit to the relaxation segment of the force-time curve (panel
B, red dashed line) to calculate the viscoelastic time constants, τ1 and τ2.
The cantilever probe was visually aligned with the cell center and translated to
indent the cell with a velocity of 2 µm/s (Fig. 4.2B). Contact between the cantilever
and the cell was indicated by an increase in indentation. The translation velocity was
maintained to exert a steadily increasing compressive force on the cell until a force
trigger of 5 nN was reached, completing the compression segment of the curve. To
examine the cell relaxation under compression, the cantilever dwelled at the surface
of the compressed cell for 1 s by setting the translation velocity to 0 while the cellular
relaxation response was recorded (relaxation segment).
4.3.5 Calculation of Young’s Modulus
The Hertzian contact model, which describes the force-indentation relationship for de-
formable, sphere-sphere contact [161], was employed to calculate the cellular Young’s
modulus (Figs. 4.2C, 4.2D). The model was fit to the compression segment of the
force-indentation curve over the applied force range of 2.5-4.75 nN, where the Young’s
modulus was largely independent of the indentation (Fig. 4.2C, blue dashed line). The
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cells were assumed to be incompressible, such that the cellular Poisson’s ratio was
taken as 0.5. The Young’s modulus was calculated as the average of 3 independent
measurements taken in the same location on each cell with a pause between measure-
ments so that each measurement produced consistent results.
4.3.6 Calculation of Viscoelastic Relaxation Constants
To calculate the viscoelastic properties of the cells, the spring-damper model was fit to
the relaxation segment of the force-time curve (Fig. 4.2B, red dashed line), using the
MaxwellWiechert model to calculate the viscoelastic time constants [127] (Fig. 4.2E).
Two Maxwell elements were chosen to best fit the data. The fast and slow viscoelastic
time constants were designated as 1 and 2, respectively. The viscoelastic properties
of each cell were calculated as the averages of 3 independent measurements.
4.3.7 Calculation of Morphological Parameters
To calculate the diameter and aspect ratio of each cell based on the phase contrast im-
ages captured immediately following atomic force microscopy probing (see Fig. 4.4A),
ImageJ was employed to manually draw a polygon around each cell. The diameter
was calculated as the mean of the major and minor axes of the fit ellipse, and the
aspect ratio was calculated as major axis divided by the minor axis.
4.3.8 Statistics and Figure Generation
Due to the non-normal distribution of each biophysical parameter (Shapiro-Wilk W
Test, α=0.05), bootstrapping ANOVA was performed using a custom MATLAB code
to discern statistically significant differences, as previously reported [19]. To assess
significance, Holm’s adjusted p values were compared to α=0.1. Spearman’s rank
correlation coefficients were used to assess the relationship between pairs of mechan-
ical properties measured at the single-cell level (LEC, n=36; central cornea, n=40;
differentiated LEC, n=60). Coefficients and raw p values were obtained using JMP
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statistical software (SAS Institute, Cary, NC), and a custom Microsoft Excel spread-
sheet was used to apply the Holm’s adjustment and plot the resulting colour matrices
(see Fig. 4.6B). Beeswarm plots (e.g., Fig. 4.3D) and semitransparent scatter plots
(Fig. 4.6A) were generated using custom MATLAB codes.
4.3.9 Classifier Analysis
To assess the utility of the mechanical parameters as stemness indicators in compari-
son to conventional markers, each parameter was tested for the ability to distinguish
stem-like from differentiated phenotypes. As prevalence-independent measurements,
the true positive rate, false positive rate, and diagnostic odds ratio (DOR) were cho-
sen to assess the binary classification of cells based on the parameters measured in
the present study. To visualize the impact of the threshold value on the utility of
each classifier, receiver operating curves were plotted by comparing the true and false
positive rates for the full range of threshold values (see Figs. 4.8A–4.8C). The 95%
confidence intervals of the receiver operating curves were calculated by bootstrapping
using a custom MATLAB code. The confidence interval bounds of the DOR were









FN , where a is the inverse of
the standard normal cumulative distribution evaluated at 1 − 1−CI
2
, CI is the confi-
dence interval, and TP , TN , FP , and FN are the frequencies of true positives, true
negatives, false positives, and false negatives, respectively [56] (see Fig. 4.10A). Meta-
analysis of previously published data [154–157] was used to establish the relationship
between microfluidic sorting DORs and DORs based on adherent-cell Young’s moduli
(see Figs. 4.11, 4.12). For each pair of cell types considered, the soft cell type was




LECs, central cornea cells, and in vitro-differentiated LECs (Fig. 4.3A) were first com-
pared for staining of molecular markers. The stemness of each cell type was assessed
based on the percentage of cells that expressed the transcription factor ∆NP63α, a
nuclear progenitor marker found in holoclones. In normal central corneal epithelia,
∆NP63α protein expression is abundant in basal cells and decreases with differentia-
tion [26,77,108]. As expected, the basal layer of the central cornea exhibited brighter
∆NP63α than the apical layer (Fig. 4.3B). Furthermore, the LECs exhibited signifi-
cantly higher mean ∆NP63α intensity than the differentiated LECs (9.1% vs. 5.8%
dynamic range; Figs. 4.3B–4.3D), indicating that the LECs decreased in stemness
over the course of the four-week in vitro culture. 89.9% of LECs were ∆NP63αbright,
as expected considering the manufacturer’s selection of a ∆NP63αpositive cell popu-
lation (Fig. 4.3D). Following extended culture, only 30.3% of the differentiated LECs
were ∆NP63αbright (Fig. 4.3D), further supporting the successful differentiation of
the LECs during extended culture.
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Figure 4.3: Molecular Characterization. A. Limbal epithelial cells (LECs,
blue) were harvested from the corneal limbus. Differentiated LECs (green) were
obtained by culturing the LECs in vitro for 4 weeks. Central cornea cells (red) were
harvested from human corneas. B. Dissociated LECs, intact central cornea tissue, and
dissociated differentiated LECs were stained for nuclear material (DAPI, blue) and
the progenitor marker ∆NP63α (yellow). The stem-like LECs stained more brightly
for ∆NP63α than the differentiated LECs. The central cornea tissue displayed a
basal layer of stem-like ∆NP63αbright cells, whereas the differentiated apical cells
were ∆NP63αdim. C. To identify the nuclear and cytoplasmic area of the dissociated
LECs and differentiated LECs, cells were stained for nuclear material (DAPI, blue)
and the cell membrane marker ABCG2 (yellow). Scale bars, 50 µm. D. ∆NP63α was
significantly brighter for LECs (blue) than differentiated LECs (green, p < 10−6), and
a higher percentage of ∆NP63αbright cells was observed in LECs than differentiated
LECs, indicating a decreased percentage of stem-like cells following the 4-week in vitro
culture. E. The nucleus-to-cytoplasm area ratio, as determined by DAPI and ABCG2
staining, was significantly higher in LECs than differentiated LECs (p < 10−6). 8.1%
of LECs and 0.88% of differentiated LECs displayed nucleus-to-cytoplasm ratios above
the previously described threshold of 0.7 [5], further supporting the higher prevalence
of stem-like cells in the LEC population. F. The differentiated LECs were significantly
larger than the LECs (p < 10−6), as quantified by the ABCG2 cytoplasmic stain.
G. The aspect ratio was not significantly different for LECs and differentiated LECs
(p = 0.61).
Quantification of the DAPI nuclear stain and ABCG2 cytoplasmic stain (Fig. 4.3C)
enabled the calculation of nucleus-to-cytoplasm ratio, diameter, and aspect ratio for
each LEC and differentiated LEC. The nucleus-to-cytoplasm ratio was significantly
higher for the LECs than the differentiated LECs (Fig. 4.3E). In agreement with a
previous study that specifies a nucleus-to-cytoplasm ratio cutoff of 0.7 [5], 8.1% of
LECs and 0.88% of differentiated LECs exhibited a high nucleus-to-cytoplasm ratio.
The LECs were significantly smaller than the differentiated LECs (Fig. 4.3F), but the
cellular aspect ratios were not significantly different (Fig. 4.3G).
4.4.2 Cell Mechanics
The LECs exhibited significantly lower Young’s moduli than both the central cornea
cells and the differentiated LECs (Figs. 4.4B, 4.5A), indicating that cell stiffness
may be used as a stemness indicator for cells derived from the corneal limbus. The
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differentiated LECs were significantly larger than the LECs and the central cornea
cells, and the LECs were significantly larger than the central cornea cells (Fig. 4.5B).
However, there were no significant differences among the cell populations with respect
to aspect ratio (Fig. 4.5C) or the fast viscoelastic time constant, 1 (Figs. 4.4C, 4.5D).
The slow viscoelastic time constant, 2, was significantly lower for the LECs than the
differentiated LECs (Figs. 4.4C, 4.5E), indicating a more viscous behaviour for the
differentiated LECs. However, the slow viscoelastic time constant cannot be regarded
as an ideal stemness marker because the difference between the LECs and central
cornea cells was not significant. Overall, neither aspect ratio nor the viscoelastic time
constants serve as specific markers of limbal cell stemness.
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Figure 4.4: Mechanical Phenotyping via Atomic Force Microscopy.
A. Phase contrast microscopy was used both to position the cantilever over each
individual cell and to measure the diameter and aspect ratio of each cell. Scale bar,
10 µm. B. Given the direct relationship between cellular Young’s modulus and the
slope of the force-indentation curve, representative force-indentation curves indicated
that the LECs (blue) were softer than the central cornea cells (red) and differentiated
LECs (green). C. Force-time curves obtained during cell relaxation indicated the
viscoelastic properties of the cells. The fast viscoelastic time constant, τ1, which is
inversely related to the slope at the minimum time (t=0 s), was similar for all cell
types. The slow viscoelastic time constant, τ2, which is inversely related to the slope
at the maximum time (t=1 s), was qualitatively higher for the differentiated LECs
than the LECs and central cornea cells.
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Figure 4.5: Cell Mechanics. A. The LECs were significantly softer than both
the central cornea cells (padjusted=0.001) and differentiated LECs (padjusted < 10
−6),
suggesting that Young’s modulus may be used as an indicator for the differentia-
tion state of limbal epithelial cells. B. The LECs were significantly larger than the
central cornea cells (padjusted < 10
−6), but significantly smaller than the differenti-
ated LECs (padjusted < 10
−6). The central cornea cells were significantly smaller than
the differentiated LECs (padjusted < 10
−6). C–D. There were no significant differ-
ences in aspect ratio or the fast viscoelastic time constant, τ1. E. The LECs had a
significantly lower slow viscoelastic time constant, τ2, than the differentiated LECs
(padjusted=0.043). Due to the non-normal distribution of each population (Shapiro-
Wilk W Test, α=0.05), bootstrapping ANOVA was used to discern statistically sig-
nificant differences. Populations connected by black bars are significantly different
(Holm’s adjusted p-values, α=0.10).
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To investigate the relationships between each pair of the mechanical properties,
the parameters were compared for each cell type measured (Fig. 4.6A). Cells with the
highest aspect ratios (>2) were observed to have low viscoelastic time constants, and
cells with the highest viscoelastic time constants tended to have low aspect ratios
(<2). However, strong relationships were not observed for any pair of mechanical
parameters (Fig. 4.6B), suggesting the potential use of multiple parameters in com-
bination to isolate cell populations of interest. There was a significant, but weak,
relationship between the two viscoelastic time constants whether the cell types were
considered together or individually (Fig. 4.6B). Interestingly, the Young’s modulus
and diameter were highly negatively correlated for central cornea cells, but not for
LECs, differentiated cells, or all cell types considered together (Fig. 4.6B).
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Figure 4.6: Pairwise Cell Mechanics Comparisons. A. The weak relation-
ships between pairs of mechanical properties indicated that each property may be
used independently to identify or isolate a cell population of interest (LEC, blue,
n=36; central cornea, red, n=40; differentiated LEC, green, n=60). B. The pairwise
Spearman’s correlation coefficients among the 5 mechanical parameters for all cells
(top-left), LECs only (top-right), central cornea cells only (bottom-left), and differ-
entiated LECs only (bottom-right) indicated that correlations were generally weak or
not significant. In all cases, the two viscoelastic parameters were positively associated.
Interestingly, the Young’s modulus and diameter were highly negatively correlated for
central cornea cells, but not for LECs, differentiated cells, or all cell types considered
together. Spearman’s rank correlation coefficients range from -1 (bright blue) to +1
(bright red). The crosshatch pattern indicates a correlation that was not statistically
significant based on Holm’s adjusted p-values (α=0.10).
4.5 Discussion
For the first time, the mechanical properties of cells derived from the corneal lim-
bus were characterized. The LECs, which were shown to be stem-like based on the
high percentage of ∆NP63αbright cells, were significantly softer than both the cen-
tral cornea cells and the in vitro-differentiated LECs. Therefore, cell stiffness can
be used as a stemness indicator for cells derived from the corneal limbus. Previous
studies of stem cell mechanics have shown various properties to change during dif-
ferentiation. Overall, mechanical comparisons of stem cells and their progeny reveal
that cells with epithelial-like morphologies are softer than cells with mesenchymal-like
morphologies [34,112]. The epithelial-to-mesenchymal transition observed during lim-
bal epithelial cell differentiation, coupled with the present finding of a corresponding
stiffness increase, further supports the contention that cells of mesenchymal morphol-
ogy are stiffer than epithelial cells. In comparison, the mechanical changes are less
clear for cell types that remain mesenchymal-like during differentiation, such as mes-
enchymal stem cell differentiation to osteoblast lineages [19,34,165]. Studies in which
corneal cells were grown on substrates of varying stiffnesses support the finding that
the stem-like limbal cells are relatively soft. Corneal epithelial cells grown on low
stiffness substrates exhibited the early differentiation marker cytokeratin 19, whereas
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cells grown on high stiffness substrates expressed the late differentiation markers cy-
tokeratins 3 and 12 [23,97]. Furthermore, previous studies indicate that the basement
membrane is softer than the apical Bowman’s layer [86] and that limbal tissue is softer
than central cornea tissue [111]. Since cells are known to modulate F-actin organi-
zation, and thereby alter their stiffness, in response to the stiffness of the underlying
substrate [130], the finding that the limbal niche is softer than the central cornea niche
supports the contention that the Young’s modulus results reflect differences between
the in vivo mechanical environments of the stem-like and differentiated cell types.
The slow viscoelastic time constant changed during in vitro differentiation, but the
fast viscoelastic time constant did not, suggesting that distinct cellular structures may
dominantly underpin each viscoelastic time constant. The nucleus is known to be sev-
eral orders of magnitude more viscous than the cytoskeleton (µnucleus ≈ 5kPa · s [63],
µactin ≈ 1−10mPa · s [153], µmicrotubule1−100mPa · s [153]). Therefore, the observed
increase in nuclear area during in vitro LEC differentiation (Fig. 4.7) may partially
explain the concomitant increase observed in the slow viscoelastic time constant.
Furthermore, a recent study of fibroblasts, which also employed a two time con-
stant relaxation model, found that the actin network governs relaxation behaviour
over shorter time scales, whereas the intermediate filament network dictates long-
term relaxation [50]. Thus, intermediate filament rearrangement during limbal cell
differentiation may play a dominant role in cell relaxation compared to actin rear-
rangement. Interestingly, cytokeratins 3, 12, and 19, which comprise type I and II
intermediate filaments, are commonly used to identify stemness in the limbus [23,97],
further emphasising a potential relationship between intermediate filament structure
and mechanical properties.
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Figure 4.7: Nuclear Area. The nuclear area, as measured from DAPI channel
images taken during ∆NP63α and ABCG2 staining, was significantly higher for
differentiated LECs than LECs (p < 10−6).
The finding that the differentiated LECs were larger than both the LECs and the
central cornea cells is supported by the finding that cells increase in size over the
course of in vitro differentiation due to external stressors and the lack of 3D spatial
restrictions [120]. The finding that the LECs were larger than the central cornea cells
(Fig. 4.5B) conflicts with a previous study that found LECs to be smaller than central
cornea cells [118]. However, the previous study used flow cytometry to measure the
size of dissociated cells ex vivo as well as in vivo confocal microscopy to investigate
only the most basal and superficial layers of intact epithelial tissue [118], whereas
the present data refer to rounded, immobilized cells that represent the entirety of
each anatomical region. Furthermore, the distribution of cell diameters (Fig. 4.5B)
indicated that the LECs include a portion of smaller cells with no counterpart in the
central cornea population, similarly to the previously presented data [118]. Quan-
tification of the ABCG2 cell membrane stain and the atomic force microscopy phase
contrast images both indicated an increase in cell diameter, with no significant change
to aspect ratio, during in vitro LEC differentiation (Figs. 4.3F, 4.3G, 4.5B, 4.5C). Al-
though the LEC diameters were similar (approximately 20 m) for both methods,
quantification of the differentiated LEC phase contrast images yielded a 50% larger
average diameter than quantification of the ABCG2 images. The apparent diameter
discrepancy can be explained by differences in surface coatings, which are known to
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affect cell morphology [54, 88, 132, 164], as cells were plated on poly-L-lysine-coated
glass for the phase contrast images and on uncoated glass for the ABCG2 images.
To determine the utility of each mechanical property as a novel biomarker, each pa-
rameter was analysed as a binary classifier of stemness. For a chosen threshold, a
contingency table was constructed to compare the test condition to the actual con-
dition (Figs. 4.8A, 4.8B). Receiver operating curves were plotted by calculating the
true and false positive rates for the full range of classifier values (Fig. 4.8C). The pa-
rameters that best classified stemness (i.e. separated LECs from differentiated LECs)
were Young’s modulus (Fig. 4.8D), diameter (Fig. 4.8E), the slow viscoelastic time
constant (Fig. 4.8F), mean ∆NP63α intensity (Fig. 4.8G), and nucleus-to-cytoplasm
ratio (Fig. 4.8H). The aspect ratio (Fig. 4.9A) and fast viscoelastic time constant
(Fig. 4.9B) did not successfully indicate stemness.
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Figure 4.8: Receiver Operating Characteristic (ROC) Curves. A. For a
binary classifier, the contingency table separates test subjects into true positives
(TPs), false positives (FPs), false negatives (FNs), and true negatives (TNs). Young’s
modulus was used to select for limbal epithelial cells (LECs, condition positive) and
against differentiated LECs (condition negative). Cells below and above the thresh-
old Young’s modulus (e) were considered to be test positive (green) and test negative
(red), respectively. B. A perfect classifier would enable perfect discrimination be-
tween condition positive and condition negative cells (no FPs, no FNs), whereas a
random classifier would enable no discrimination between condition positive and con-
dition negative cells (TPs=FPs, TNs=FNs). In practice, the threshold value of a test
classifier can be shifted to improve positive selection at the cost of reduced negative
selection, or vice-versa. C. ROC curves (black lines and panels D-H) were generated
by calculating the true positive rate (TPR) and the false positive rate (FPR) for all
possible threshold values. The ROC curve for a test classifier (solid line) lies between
the ROC curves for a perfect classifier (dotted line) and a random guess (dashed line).
D–H. ROC curves for the selection of LECs against either central cornea cells (red)
or differentiated LECs (green) using the test positive conditions of D) low Young’s
modulus, E) low diameter, F) low slow viscoelastic time constant (τ2), G) high mean
∆NP63α intensity, or H) high nucleus-to-cytoplasm ratio indicated that each pa-
rameter can be used to discern stemness. Shaded regions indicate 95% confidence
interval.
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Figure 4.9: Receiver Operating Characteristic (ROC) Curves. A–B. Se-
lection for limbal epithelial cells (LECs) against central cornea cells (red) or differ-
entiated LECs (green) on the basis of A) aspect ratio and B) the fast viscoelastic
time constant (τ1) was poor, as indicated by areas under the curve of only marginally
greater than 0.5, which is the area under the curve for a random classifier. C–D. The
low diagnostic odds ratios (DORs) for classifiers based on C) the aspect ratio and D)
the fast viscoelastic time constant further indicate the poor quality of classification.
E–G. For all possible combinations of E) threshold diameter and threshold Young’s
modulus, F) threshold slow viscoelastic time constant (2) and threshold diameter,
and G) threshold Young’s modulus and threshold slow viscoelastic time constant,
the DOR was calculated for selection of LECs against central cornea cells. Overall,
the DORs were lower for selection of LECs against central cornea cells than against
differentiated LECs (Figs. 4.10H–4.10J). The DORs ranged from 0.01 (black) to 1
(white) to 1000 (bright red).
To further understand the binary classification, the diagnostic odds ratio (DOR)
was chosen as a single parameter that summarizes the true and false positive rates
(Fig. 4.10A). The Young’s modulus performed well in the selection of LECs against
both central cornea cells and differentiated LECs (Fig. 4.10B), but classification on the
basis of diameter or the slow viscoelastic time constant succeeded only in the selection
of LECs against differentiated LECs (Figs. 4.10C, 4.10D). The maximum DORs for
the selection of LECs against differentiated LECs on the basis of mean ∆NP63α
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intensity was approximately 90 (Fig. 4.10E & Table 4.1), indicating that the odds of
a positive stemness test among LECs is 90 times higher than the odds of a positive
stemness test among differentiated LECs [56]. In comparison, the maximum DOR
was approximately 30 for selection on the bases of the nucleus-to-cytoplasm ratio,
Young’s modulus, or diameter and approximately 14 for selection on the basis of the
slow viscoelastic time constant (Figs. 4.10B–4.10D, 4.10F & Table 4.1). However,
the DORs for classification based on the aspect ratio (Fig. 4.9C & Table 4.1) or the
fast viscoelastic time constant (Fig. 4.9D & Table 4.1) were relatively low, further
corroborating the finding that the aspect ratio and fast viscoelastic time constant
were not suitable stemness indicators.
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Figure 4.10: Diagnostic Odds Ratio (DOR). A. The DOR measures the overall
utility of a binary classifier by TP ·TN
FP ·FN . The DOR of a perfect classifier (dotted line)
is infinite for any threshold value, whereas the DOR of a random classifier (dashed
line) is approximately 1, and a test classifier (solid line) will have a finite DOR>1.
Extreme threshold classifier values yield an infinite DOR (where FP=0 or FN=0).
B–F. The DORs based on B) Young’s modulus, C) diameter, D) slow viscoelas-
tic time constant, E) mean ∆NP63α intensity, and F) nucleus-to-cytoplasm ratio
were generally higher for the selection of LECs against differentiated LECs (green)
than against central cornea cells (red). The DOR based on Young’s modulus was
approximately 10, regardless of the threshold value. Shaded regions indicate 95%
confidence interval. G. To determine the utility of a two-parameter classifier, cells
below both the diameter threshold, d, and the Young’s modulus threshold, e, were
defined as test positive (green). All other cells were defined as test negative (red).
H–J. For all possible combinations of H) threshold diameter and threshold Young’s
modulus, I) threshold slow viscoelastic time constant (τ2) and threshold diameter,
and J) threshold Young’s modulus and threshold slow viscoelastic time constant, the
DOR was calculated for selection of LECs against differentiated LECs. The increase
in DOR upon including a second classifier indicates that the combined classifiers can
outperform the single parameter classifiers. The DORs ranged from 0.01 (black) to
1 (white) to 1000 (bright green).
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Table 4.1: Diagnostic Odds Ratios for Single Parameters. For each pa-
rameter, the maximum and mean diagnostic odds ratios (DORs) were calculated for
classifying limbal epithelial cells (LECs) versus differentiated LECs or central cornea
cells. The DOR of a perfect classifier is infinite for any threshold value, whereas the
DOR of a random classifier is approximately 1, and a test classifier will have a finite
DOR>1. τ1, fast viscoelastic time constant; τ2, slow viscoelastic time constant.













Mean ∆NP63α Intensity 89.92 16.82
Nucleus-to-Cytoplasm Ratio 30.44 7.80
Young’s Modulus 28.64 38.68 8.30 7.11
Diameter 28.64 3.55 11.31 0.28
Aspect Ratio 4.62 9.15 1.94 2.96
τ1 11.67 8.75 2.75 2.31
τ2 14.24 2.84 6.37 1.03
In addition to the DOR, the area under the receiver operating characteristic curve
is commonly used to measure the utility of a classifier. The areas under the curve data
support the DOR-based finding that mean ∆NP63α intensity, diameter, and Young’s
modulus best identify LECs from a mixed population containing differentiated LECs
(Table 4.2).
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Table 4.2: Area under the Receiver Operating Curves. For each parame-
ter, the area under the receiver operating curve was calculated for classifying limbal
epithelial cells (LECs) versus differentiated LECs or central cornea cells. The area
under the curve of a useful test ranges from 0.5 (random classification) to 1 (perfect
classification). τ1, fast viscoelastic time constant; τ2, slow viscoelastic time constant;
CI, confidence interval.





















Young’s Modulus 0.801 0.626 0.928 0.802 0.607 0.943
Diameter 0.827 0.654 0.947 0.216 0.051 0.422
Aspect Ratio 0.531 0.344 0.725 0.597 0.381 0.805
τ1 0.637 0.422 0.823 0.615 0.370 0.827
τ2 0.777 0.578 0.931 0.500 0.263 0.743
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Figure 4.11: Differences in Adherent Cell Young’s Moduli are Correlated
with the Microfluidic Sorting Diagnostic Odds Ratio. A–G. Cellular Young’s
moduli ranged from 0.1-100 kPa for cell lines previously sorted using microfluidic
technology. H–N. For various combinations of cell types, the receiver operating
curves based on adherent-cell Young’s modulus yielded areas under the curve ranging
from 0.626 (H, HeyA8 vs. Hey) to 1 (F, K562 vs. K562fixed), where the soft cell
type was taken as condition positive. O. The maximum diagnostic odds ratio (DOR)
based on adherent-cell Young’s modulus ranged from 3.713 (O, HeyA8 vs. Hey) to
infinity (M, K562 vs. K562fixed). Shaded regions indicate 95% confidence interval.
WBC, white blood cell; fixed, treatment with 4% paraformaldehyde; CytD, treatment
with 2 µM cytochalasin-D. Pre-sort Young’s moduli of various cell types (Panel B)
replotted from [154–157]. Young’s modulus ROC and DOR curves (C-J) calculated
from previously published data [154–157].
Previous results further evidence the relationship between adherent cell atomic
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force microscopy and microfluidic sorting ability; mechanics data from adhered cells
correlate with sorting trajectories within our device, and cells taken from the outlets
of our device display distinct mechanical properties after attachment [156]. Specifi-
cally, the relatively soft and low viscosity K562 cells have been efficiently sorted from
either HL60 cells (sorting DOR = 205 [157]) or leukocytes (sorting DOR = 12.7 [155]).
The similar relative mechanical properties reported in the limbal system suggest the
applicability of microfluidic sorting technology to enrich for limbal stem-like cells. To
quantitatively elucidate the relationship between the adherent cell Young’s modulus-
based DOR and sorting ability, a meta-analysis of previously published data was
conducted (Figs. 4.11, 4.12). The positive correlations between the microfluidic sort-
ing DORs and the DORs predicted from Young’s modulus (maximum DOR, ρ=0.831,
p=0.011; mean DOR, ρ=0.850, p=0.007; AUC, ρ=0.850, p=0.007) provide evidence
that the high Young’s modulus-based DORs observed in the limbal system indicate
an ability to enrich for stem-like cells form the limbal niche using microfluidics.
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Figure 4.12: Correlation between Adherent Cell Mechanics and Microflu-
idic Sorting. Sorting for stem-like cells from the limbal region (black vertical lines)
is projected to yield a microfluidic sorting DOR of approximately 10, based on pos-
itive correlations between microfluidic sorting DORs and either A) the maximum
Young’s modulus-predicted DOR (ρ=0.831, p=0.11), B) the mean Young’s modulus-
predicted DOR (ρ=0.850, p=0.007), or C) the area under the curve (AUC) of the
Young’s modulus receiver operating characteristic (ρ=0.850, p=0.007). DORs and
AUCs calculated from previously published data [154–157]. Spearman’s correlation
coefficient was calculated to test for monotonic trends.
Evaluating parameters on the single-cell level enabled combined classifier analysis.
Thus, given the positive performance of Young’s modulus, diameter, and the slow vis-
coelastic time constant as stemness classifiers, the performance of pairwise classifiers
was also assessed. Cells with both parameters below the respective thresholds were
taken as test positive, and the remainder were taken as test negative (Fig. 4.10G). For
Young’s modulus, diameter, and the slow viscoelastic time constant, the maximum
DOR for each pair of parameters exceeded 35 when selecting for LECs and against
differentiated LECs, indicating that the combined classifiers have the potential to
classify cells more efficiently than the individual parameters (Figs. 4.10H–4.10J &
Table 4.3). The combined classifiers were less successful in selecting for LECs and
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against central cornea cells (Figs. 4.9E–4.9G & Table 4.3).
Table 4.3: Diagnostic Odds Ratios for Two-Parameter Combinations. For
each pair of parameters, the maximum and mean diagnostic odds ratios (DORs) were
calculated for classifying limbal epithelial cells (LECs) versus differentiated LECs or
central cornea cells. The DOR of a perfect classifier is infinite for any threshold value,
whereas the DOR of a random classifier is approximately 1, and a test classifier will
have a finite DOR>1. τ2, slow viscoelastic time constant.













Diameter + Young’s Modulus 65.00 42.78 11.89 1.33
τ2 + Diameter 73.75 3.55 12.23 0.39
Young’s Modulus + τ2 37.55 47.35 8.67 2.74
Although the DOR provides a measure of the utility of a binary classifier, the
calculation assumes that false positives (i.e. differentiated cells that are identified as
stem-like cells) and false negatives (i.e. stem-like cells that are identified as differenti-
ated cells) are equally problematic. Thus, the ideal scheme to enrich stem-like limbal
cells for regenerative medicine does not necessarily maximize the DOR. The pres-
ence of stem-like cells in a population may accelerate tissue regeneration (reviewed
in [9]), promoting the idea that false negatives may be less desirable than false posi-
tives. Contrarily, the low prevalence (1-10%) of stem-like cells in the limbus [115,126]
confounds the challenges of removing a large percentage of false positive cells. There-
fore, further biological study of the limbal niche will be required to determine the
relative importance of minimizing false positives versus false negatives for applica-
tions to corneal regeneration using limbal stem cell therapy [115]. Upon determining
the ideal balance between false positives and negatives, the results presented in the
present study can be used as framework to inform mechanically-driven enrichment of
stem-like cells from a heterogeneous corneal cell population.
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4.6 Conclusion
We identify cell stiffness as a novel stemness indicator for cells derived from the corneal
limbus. Characterization of the mechanical properties of cells derived from the corneal
limbus showed that the stem-like LECs were softer than both cells from the central
cornea and in vitro-differentiated LECs. Additional biophysical properties, such as
size and the slow viscoelastic time constant, can also be utilized to distinguish the
stem-like LECs from a mixed cell population. Biophysical markers hold great promise
for improving corneal transplant success for LSCD patients. Measuring cellular me-
chanical properties by atomic force microscopy is low throughput (approximately
3 min/cell), but microfluidics holds great promise for a high-throughput method
that combines stiffness-, size-, and viscoelasticity-based sorting to isolate stem-like
cells [73,104,140,155–157]. Such high-throughput techniques can be used to generate
corneal tissue implants with highly enriched stem-like limbal cell populations, which
may yield superior clinical outcomes compared to tissue implants that are directly
harvested from the cornea [115].
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CHAPTER V
BIOPHYSICAL SUBSETS OF EMBRYONIC STEM
CELLS DISPLAY DISTINCT PHENOTYPIC AND
MORPHOLOGICAL SIGNATURES
5.1 Introduction
The typical tissue-engineered organ or regenerative medicine therapy requires 10-100
million cells of one or more prescribed cell types [57], which is difficult to achieve
using autologous cell sources. Embryonic stem cells (ESCs) hold great potential as
scalable, phenotype-specific cell factories, but progress is hampered by the challenge
of reliably and efficiently controlling both potency (i.e. the degree of progress toward
a terminally differentiated cell; see Fig. 5.1A, illustrated as cell transparency) and
lineage specification (i.e. the remaining set of potential differentiated phenotypes; see
Fig. 5.1A, illustrated as cell hue).
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Figure 5.1: Biophysical Characterization and Sorting. A. Potency, as il-
lustrated by transparency, is highest for an embryonic stem cell (transparent) and
decreases during specification to a terminally differentiated cell (opaque). Lineage
specification, as illustrated by hue, changes based on the set of phenotypes to which
a given cell can differentiate. B. Cell mechanical parameters were assessed by atomic
force microscopy using a beaded cantilever. The cantilever was driven toward the cell
until a 5 nN trigger was registered, completing the compression region of the force
curve; subsequently, the relaxation of the cell was measured over 10 s. The compres-
sion region was fit to the Hertzian model to calculate the cellular Young’s modulus,
Ecell. A two Maxwell element viscoelastic model was fit to the relaxation portion
of the force curve, yielding two viscoelastic time constants, τ1 and τ2. C. To sort
cells based on biophysical parameters, a microfluidic device with diagonal ridges was
employed. D. As a cell approaches each diagonal ridge, the ridge compresses the cell,
creating an elastic force (FE). The cell is also exposed to a ridge-generated secondary
flow that imposes a hydrodynamic drag force (FD). The net force, and therefore the
trajectory of each cell, is stiffness-dependent. E. The critical geometrical parameters
were the gap size, h, and the ridge spacing, r. The gap size determines the strain
imposed on a cell of a given size. The time a cell takes to travel between ridges (the
inter-ridge time), which can be controlled by the overall flow rate or the inter-ridge
spacing, affects the dependence of cell trajectory on viscoelastic relaxation.
ESC cultures are remarkably heterogeneous and typically contain not only colonies
of pluripotent ESCs, but also outgrowths of their fibroblast-like differentiated progeny
[133]. Even within putatively pluripotent ESC colonies, the expression of pluripo-
tency markers is heterogeneous [134]. However, controlling both potency and lineage
specification in ESC-derived cell populations is paramount for tissue engineering and
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regenerative medicine. Excessive potency can cause dangerous teratomas, whereas
deficient potency is associated with low proliferative potential, which can limit the
efficacy of a cell therapy. Additionally, lineage specification must be controlled to
obtain starting cell populations with sufficient phenotypic purity, which are required
to generate functional tissue-engineered organs and efficient cell therapies.
Even with extensive efforts to engineer the cellular microenvironment, directed
differentiation protocols are generally low yield (less than 50% target phenotype) or
time-consuming (typically greater than 3 weeks). A low yield hampers the ability
to use the cell population for applications such as tissue engineering, which requires
high purity to create an organ of interest that closely matches in vivo physiology.
A complementary method of phenotype control is to select target cell types from a
heterogeneous population, which requires an understanding of the cell subsets that
exist for each selection basis (e.g. gene or protein expression).
Biomolecular subsets of stem cells have been well studied [11] (reviewed in [47]).
However, cell identification based on biomolecular expression is limited by the in-
consistent and poorly understood expression of protein and gene markers for specific
phenotypes. Biomarker expression can be transient, and the absence or presence of
multiple markers is typically required to define a phenotype.
To address this problem, we and others [18, 19, 34, 112] have proposed cellular
mechanical parameters as additional factors to help identify phenotype. At present,
biophysical subsets of stem cells and their relationships with potency and lineage
specification are not well studied.
Therefore, the objective of this study was to understand the biological characteris-
tics of distinct biophysical subsets of ESCs. The results indicate that pluripotent cells
are softer than differentiating cells and that the soft biophysical subset of partially
differentiated cells displays a similar signature to pluripotent cells, with regard to cell
mechanics, morphology, and gene expression trends. The present work serves as a
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step toward high-throughput enrichment of specified ESC-derived cell phenotypes for
tissue engineering and regenerative medicine.
The results of this study highlight cell mechanics as a future basis for efficient,
high-throughput isolation of pluripotent ESCs, which will facilitate biological under-
standing of pluripotency and serve as a step toward realizing the potential of ESCs
as cell sources for various applications.
5.2 Methods
5.2.1 Cell Culture
Murine ESCs (D3 cell line, ATCC, Manassas, VA) were cultured in growth me-
dia (15% fetal bovine serum [Atlanta Biologicals, Atlanta, GA], 2 mM L-glutamine
[ThermoFisher, Waltham, MA], 1x MEM non-essential amino acid solution [Medi-
atech, Herndon, VA], 0.1 mM 2-mercaptoethanol [ThermoFisher], and 100 U/mL
penicillin, 100 µg/mL streptomycin, and 0.25 µg/mL amphotericin [PSA; Mediat-
ech] in Dulbecco’s modified Eagle’s medium [Sigma-Aldrich, St. Louis, MO]) on
polystyrene Petri dishes treated with 0.1% gelatin (Millipore, Billerica, MA). Me-
dia was changed every other day, and cells were passaged at approximately 70%
confluence. To encourage pluripotency, growth media was supplemented with 1.1
x 103 U/mL leukemia inhibitory factor (LIF; Millipore). Upon achieving pluripo-
tent colonies, as identified by rounded morphology, differentiation was induced by
culturing the mESCs in LIF- growth media. Alternatively, media containing bone
morphogenetic protein 4 (BMP-4) was used to direct differentiation to the meso-
derm lineage, as previously described [80]. Briefly, embryoid bodies were formed by
centrifugation into Aggrewells™ (Stem Cell Technologies, Vancouver, BC, Canada),
maintained on a rotary orbital shaker platform at 65 rpm, and differentiated in meso-
derm induction media (10 ng/mL BMP-4 [R&D Systems, Minneapolis, MN], 2 mM
L-glutamine [ThermoFisher], and PSA in ESGRO complete basal media [Millipore]).
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5.2.2 Preparation of Cell Suspensions
For microfluidics experiments that employed cell staining to identify the day of dif-
ferentiation, pluripotent LIF+ mESCs were stained with 500 nM CellTracker™ Green
CMFDA (ThermoFisher) and differentiating LIF- cells were stained with 5 µM Cell-
Tracker™ Red CMTPX dye (ThermoFisher), using the manufacturer’s protocol. For
the remaining microfluidics experiments and all biophysical characterization experi-
ments, cell dyes were not used. Prior to biophysical characterization or microfluidic
sorting, cells were detached from the gelatin-coated dishes using a solution of 0.05%
trypsin and 0.53 mM ethylenediaminetetraacetic acid (EDTA; Sigma-Aldrich), pel-
leted by centrifugation, and dissociated by trituration.
5.2.3 Biophysical Characterization
Approximately 100,000 cells were plated on poly-L-lysine-coated glass dishes and
immobilized during 16-24 h incubation at 37°C. Immediately prior to probing, non-
adherent cells were removed by wash the dish 2x with PBS (with magnesium and
calcium). To simplify the tip-cell contact geometry, 5.5 µm polystyrene beads were
attached to tipless silica nitride cantilevers (Bruker Probes, Camarillo, CA) using
two-part epoxy, and dried overnight. Mechanical properties of individual cells were
obtained from force-indentation curves recorded with an atomic force microscope
(Asylum Research, Santa Barbara, CA) with an integrated optical microscope (Nikon,
Melville, NY) on a vibration isolation table. Atomic force microscopy is summarized
in Fig. 5.1B. The Sader calibration method [123] was used to obtain cantilever spring
constants (k=6-14 pN/nm) based on the thermal vibration of the cantilever. The
cantilever probe was visually aligned with the cell center and translated to indent the
cell with a velocity of 2 µm/s until a force trigger of 5 nN was reached. To examine
the cell relaxation under compression, the cantilever dwelled at the surface of the
compressed cell for 10 s while the cellular relaxation response was recorded.
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To calculate the cellular Young’s modulus, the Hertzian contact model was fit to
the compression segment of the force-indentation curve over the applied force range of
2.5-4.75 nN, where the Young’s modulus was largely independent of the indentation.
The cells were taken to be incompressible (cellular Poisson’s ratio = 0.5). The Young’s
modulus of each cell was calculated as the average of 3 independent measurements.
To calculate the viscoelastic properties of the cells, the spring-damper model was
fit to the relaxation segment of the force-time curve, using the MaxwellWiechert model
to calculate the viscoelastic time constants [127]. Two Maxwell elements were chosen
to best fit the data. The fast and slow viscoelastic time constants were designated as
1 and 2, respectively. The viscoelastic properties of each cell were calculated as the
averages of 3 independent measurements.
To calculate the spread area and aspect ratio of each cell based on the phase
contrast images captured during atomic force microscopy (see Fig. 5.10G), ImageJ
was employed to manually draw a polygon around each cell. The spread area was
calculated as the area within the polygon, and the aspect ratio was calculated as
major axis divided by the minor axis of the fit ellipse.
5.2.4 Morphology Characterization
Suspended cell size histograms were obtained using a Multisizer Coulter Counter,
which was calibrated using microspheres of known sizes.
5.2.5 Collection of Biophysical Subsets
Microfluidic sorting devices with 2 or 3 outlets were fabricated, as previously described
[155–157]. A reusable SU-8 mold (Microchem Corp.) containing the device features
was formed using standard two-step photolithography on a silicon wafer. A mixture
of polydimethylsiloxane pre-polymer and curing agent (PDMS; 10:1 v:v; Sylgard 184,
Dow Corning) was used for replica molding with curing at 60°C for 6 h. After curing,
the 1 mm inlet holes and 3 mm outlets holes were punched, enabling each outlet to
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serve as a reservoir for cell collection. PDMS was treated with air plasma using a
plasma cleaner (Harrick) and bonded to a glass slide to form the microfluidic chip.
After plasma bonding, the channel was incubated at 60°C for 1 h to further strengthen
the bond.
The sorting buffer consisted of 87.5 nL/mL Tween-20, 40 µg/mL EDTA, and
1 mg/mL bovine serum albumin (BSA) in a 3:7 (v:v) mixture of Percoll (GE Life
Sciences, Pittsburgh, PA) and phosphate buffered saline (PBS, without magnesium
and calcium). Prior to sorting, the buffer was pH adjusted to 7.4 and filtered with a
0.22 µm pore filter. To keep the cell concentration constant during sorting, the ratio
of Percoll to PBS was tuned such that the buffer density matched the cell density.
The ratio optimized using density centrifugation with various Percoll:PBS ratios.
Maintaining the buffer at 4°C and including BSA, EDTA, and Tween-20 facilitated
a single-cell suspension. The inlet flow rates were controlled using syringe pumps
(Harvard Apparatus).
For the cell system described in this study, the gap size, which controls the strain
experienced by each cell (see Figs. 5.1C–5.1E), and the overall flow rate, which controls
the inter-ridge relaxation time for each cell, were optimized to maximize separation.
To optimize the total flow rate, videos were recorded using a high-speed camera
(Vision Research, Wayne, NJ) during individual sorts of unstained cells after either
0 or 5 days of differentiation. For various total flow rates, cells reaching each outlet
were counted manually. In all cases considered, the fraction of cells reaching the stiff
outlet was negligible.
Cells were manually collected from the outlet reservoirs and periodically trans-
ferred to uncoated polystyrene Petri dishes containing growth media. Prior to char-
acterization, cells were transferred to a tube and pelleted.
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5.2.6 Biophysical Subset Characterization
One day after sorting, the mechanics and morphology of single cells taken from each
biophysical subset were probed by atomic force microscopy and phase contrast mi-
croscopy, as described above.
Primers were obtained from Invitrogen, as listed in Table 5.1, and resuspended in
DNA suspension buffer (Teknova, Hollister, CA).
Table 5.1: Primer Sequences. Primers employed for pre-amplification and PCR.





































Primer pairs were designed using Primer3 and validated for RT-qPCR through
amplification of cDNA prepared with the CellsDirect™ One-Step qRT-PCR kit (Ther-
moFisher) and run on a StepOne Plus with SYBR Green detection chemistry (Ther-
moFisher). Amplification traces were baseline corrected and amplification efficiencies
were measured using LinRegPCR software [121, 122, 149]. Melt curves were used
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for preliminary screening of primer pairs for primer dimers and multi-product re-
actions, and all primer products were validated for length and specificity using gel
electrophoresis on a 1% agarose gel run in 1.5x TAE buffer.
To prepare samples for gene expression measurements, 100 cells from each sample
replicate were dispensed into CellsDirect™ 2x reaction mix (ThermoFisher) containing
1 U/µL SUPERase In™ RNase inhibitor (ThermoFisher) to prevent degradation using
a FACSAria Fusion™ cell sorter (BD Biosciences, San Jose, CA).
The lysed cells were mixed with the pooled set of primers (normalized to 500 nM),
SuperScript® III RT Platinum® Taq Mix, and nuclease-free water. A thermocycler
was used to convert RNA to cDNA, with reverse transcription occurring at 50°C for
15 min, followed by reverse transcriptase inactivation and Taq activation at 95°C for
2 min. To amplify the cDNA using the pooled primers, the sample was exposed to
20 cycles of 15 s at 95°C and 4 min at 60°C. The cDNA samples were stored at 4°C.
cDNA samples were then processed with exonulcease I to remove any unincorpo-
rated primer and diluted 5-fold. 3 µL of each sample and primer mix was prepared
for the Fluidigm FLEXsixIFC chip. Finally, a Fluidigm Biomark was used to thermal
cycle the chip 30 times and read the amplification via EvaGreen® fluorescence.
Ct values and threshold fluorescence signals were obtained using the Fluidigm
Real-Time PCR Analysis software package with automatic detector thresholds. Ini-




, where t is the threshold fluorescence signal for each target, Ct is the thresh-
old cycle for each sample, and ε is the reaction efficiency, assessed as the mean ef-
ficiency calculated using LinRegPCR software. Gene expression fold-changes were
calculated using the ∆∆Ct method, with the housekeeping gene as the geometric
mean of mGAPDH and mS18, as previously described [151], and the control sample
as day 0 for differentiation time point samples or as the soft outlet for samples col-
lected after biophysical sorting. To simplify analysis, the 100-cell samples collected
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from 4 different separation experiments (3 experiments, n=1; 1 experiment, n=3) were
combined as a single set with n=6, as between-experiment and between-replicate gene
expression variabilities were similar (Fig. 5.2).
Figure 5.2: Combination of Biophysical Subset Gene Expression Repli-
cates. Following biophysical separation, 100-cell samples were collected for gene
expression analysis. For the first 3 separation experiments (blue, red, and green
circles), n=1 100-cell replicate was collected per outlet. For the fourth separation ex-
periment (black triangles), n=3 100-cell replicates were collected. As the range and
distribution of initial target DNA z-scores was not substantially different between
separation experiments vs. between replicates, further analyses were conducted using
the pooled set of n=6 100-cell samples.
Initially, the expression levels of m18S, mPAX6, and mMYF5 were also measured.
However, the extremely high abundance of m18S caused exponential amplification by
cycle 2, resulting in highly variable threshold cycle readings. The low abundance
of mMYF5 and mPAX6 precluded PCR amplification in most samples. Therefore,
m18S, mPAX6, and mMYF5 were removed from the analysis.
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5.2.7 Statistics and Figure Generation
In total, paired stiffness-morphology data were obtained for 359 cells. Data were
grouped by differentiation method and day of differentiation; 80 of the cells were
undifferentiated (day 0), 162 were differentiated by LIF removal in monolayer (day 1,
n=29; day 2, n=30; day 3, n=30; day 4, n=29; day 5, n=28; day 6, n=16), 59 were
differentiated by LIF removal in embryoid body format (day 6, n=29; day 10, n=30),
and 58 were differentiated by BMP-4 treatment in embryoid body format (day 6,
n=29; day 10, n=29). Paired stiffness-viscosity-morphology data were available for
192 of the cells measured, of which 30 were undifferentiated (day 0) and 162 were
differentiated by LIF removal in monolayer (day 1, n=29; day 2, n=30; day 3, n=30;
day 4, n=29; day 5, n=28; day 6, n=16).
Bootstrapping ANOVA was performed using a custom code in MATLAB (Math-
Works, Natick, MA) to discern statistically significant differences and apply Holm’s
p-value adjustment (α=0.1), as previously reported [19]. Spearman’s rank correla-
tions were assessed by first using JMP statistical software (SAS Institute, Cary, NC)
to obtain coefficients and raw p values and subsequently using a custom Microsoft
Excel spreadsheet to apply Holm’s p-value adjustment (α=0.1) and plot the result-
ing color matrices (e.g., Fig. 5.4C). For differentiation studies, pluripotent cells were
coded as 0 and differentiating cells were coded as 1. For biophysical subset studies,
the soft subset was coded as -1, the middle subset was coded as 0, and the stiff subset
was coded as 1. When comparing the day of differentiation and the differentiation
state, the Pearson’s correlation coefficient is +1.0, as expected; however, the Spear-
man’s rank correlation coefficient is lower due to the method JMP invokes to break
ties.
Beeswarm plots (e.g., Fig. 5.4A), semitransparent scatter plots (e.g., Fig. 5.13A),




5.3.1 Biophysical Characterization of Embryonic Stem Cells during Dif-
ferentiation
Before addressing the biological properties of ESC biophysical subsets, the charac-
teristics of ESCs with a known day of differentiation were first considered. Analysis
of cell stiffness for the full set of paired stiffness-morphology data (N=359) revealed
that pluripotent ESCs were softer than differentiated ESCs, with minimal effects of
the cantilever spring constant, day 0 passage number, and differentiation method
(Fig. 5.3). As the differentiation method was not an important factor to cell me-
chanics, all subsequent analyses and experiments were confined to the LIF removal
differentiation method (N=242).
Figure 5.3: The Young’s Modulus Depended More on Differentiation State
than Other Factors. Among the 13 samples probed during 4 atomic force mi-
croscopy sessions, effects of the day 0 passage number and the differentiation method
were dominated by the effect of the differentiation state, i.e. pluripotent (blue) vs.
differentiating (red). LIF, leukemia inhibitory factor; FBS, fetal bovine serum; BMP4,
bone morphogenetic protein 4; ESGRO, Millipore ESGRO complete basal medium.
Analysis of cell stiffness revealed that ESCs became stiffer during differentiation,
with a substantial stiffness increase after only one day of differentiation (Figs. 5.4A–
5.4C).
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Figure 5.4: Embryonic Stem Cells become Stiffer, Larger, and Less Circu-
lar during Differentiation. A. Pluripotent ESCs were significantly softer than the
pool of all differentiating cells (p < 10−6). B. Cellular Young’s modulus increased
after 1 day of differentiation, and no substantial subsequent change was observed
through 6 days of differentiation, indicating the potential utility of Young’s modu-
lus as a specific marker of ESC differentiation. C. Pluripotent cells were significantly
softer than days 1-4 of differentiation. D. Pluripotent ESCs had a significantly smaller
Feret’s diameter than the pool of all differentiating cells (p < 10−6). E. Cell size,
as assessed by Feret’s diameter, increased and then decreased over the course of 6
days of differentiation. F. Pluripotent cells were significantly smaller than cells after
days 3-5 of differentiation, and day 1 cells were significantly softer than day 4-5 cells.
G. Pluripotent ESCs were significantly more circular than the pool of all differenti-
ating cells (p < 10−6). H. Cell shape, as assessed by circularity, decreased and then
increased over the course of 6 days of differentiation. I. Pluripotent cells were signif-
icantly more circular than cells after days 3-6 of differentiation, and day 1 and 2 cells
were significantly more circular than day 4-5 cells. Populations connected by black
bars are significantly different (α=0.1). Blue, pluripotent cells; red, differentiating
cells; black, p ≤ 10−6; white, p ≥ 10−1; cross-hatch, non-significant p-value.
The quantification of phase contrast images taken during atomic force microscopy
yielded various morphological parameters, which were divided into size- and shape-
related factors. The Feret’s diameter, which represents the longest distance between
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any two points on the cell border, correlated more strongly with the day of differen-
tiation than any other size factor (see Fig. 5.11C). The circularity, which is defined
as 4·π·area
perimeter2
and ranges from 0 for an elongated polygon to 1 for a perfect circle, cor-
related more strongly with the day of differentiation than any other shape factor (see
Fig. 5.11C). Analysis of the morphological factors revealed that ESCs became larger
(i.e. increased Feret’s diameter) and less circular during differentiation (Figs. 5.4D,
5.4G). Interestingly, the Feret’s diameter increased and then decreased during differ-
entiation, whereas the circularity decreased and then increased during differentiation.
The extrema of the mean Feret’s diameter and circularity both occurred at day 4
(Figs. 5.4E, 5.4F, 5.4H, 5.4I). The inverse relationship between Feret’s diameter and
circularity may reflect the tendency for ESCs to become fibroblatic (i.e. spread, high
aspect ratio) during differentiation.
Analysis of the smaller set of paired stiffness-viscosity-morphology data (N=192)
revealed that the fast and slow viscoelastic time constants were both lower for pluripo-
tent than differentiated cells; however, significant differences in the time constants
between individual days of differentiation were not generally observed (Fig. 5.5). The
paired stiffness-viscosity-morphology data with sample letters matched to the samples
in Fig. 5.3 were re-plotted in Figs. 5.6, 5.7.
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Figure 5.5: Changes to Embryonic Stem Cell Viscoelastic Relaxation dur-
ing Differentiation were Minimal. A. Pluripotent ESCs had a significantly
smaller fast viscoelastic time constant (τ1) than the pool of all differentiating cells
(p = 0.005). B. Changes to the fast viscoelastic time constant were not observed
during 6 days of differentiation. C. The fast viscoelastic time constant was not signifi-
cantly different between any two days of differentiation (pANOVA = 0.10). D. Pluripo-
tent ESCs had a significantly smaller slow viscoelastic time constant (τ2) than the pool
of all differentiating cells (p = 0.007). E. The slow viscoelastic time constant changed
only subtly during 6 days of differentiation. F. Pluripotent ESCs had a significantly
smaller slow viscoelastic time constant than day 1 and 6 cells. Significant differences
also existed between day 1 and 3 cells and between day 3 and 6 cells. Populations con-
nected by black bars are significantly different (α=0.1). Blue, pluripotent cells; red,
differentiating cells; black, p ≤ 10−6; white, p ≥ 10−1; cross-hatch, non-significant
p-value.
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Figure 5.6: The Fast Viscoelastic Time Constant, τ1, did not Depend on
the Day of Differentiation. Sample letters are matched to the samples in Fig. 5.3.
LIF, leukemia inhibitory factor; FBS, fetal bovine serum.
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Figure 5.7: The Slow Viscoelastic Time Constant, τ2, did not Depend on
the Day of Differentiation. Sample letters are matched to the samples in Fig. 5.3.
LIF, leukemia inhibitory factor; FBS, fetal bovine serum.
5.3.2 Sorting Pluripotent from Differentiating Embryonic Stem Cells
A 2-outlet device with a 15.6 µm gap was employed to sort pluripotent (day 0, LIF+)
from differentiating cells (5 days LIF-). Cell cultures chosen for rounded pluripotent
colonies or spread differentiating colonies (Fig. 5.8A) were stained with CellTracker™
Green and Red, respectively, to identify day of differentiation post-sort. The cell inlet
flow rate was 8 µL/min, and the soft and stiff sheath inlet flow rates were 23 µL/min
and 17 µL/min, respectively, resulting in a slight bias to the soft outlet.
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Figure 5.8: Biophysical Separation of Day 0 from Day 5 Embryonic Stem
Cells. A. Before sorting, the LIF+ cell culture displayed pluripotent colonies with
rounded morphology and the LIF- cell culture was characterized by differentiated,
fibroblastic morphology. B. The pluripotent cells, stained green, and the differenti-
ating cells, stained red, displayed distinct fluorescent signatures. C. Starting with
a mixture of approximately 65% day 0 cells (blue) and 35% day 5 cells (red), 40%
of cells sorted to the stiff outlet were day 5 and 75% of cells sorted to the soft out-
let were day 0, indicating enrichment in both outlets. Blue, pluripotent cells; red,
differentiating cells. D. To define the sorting efficiency, the contingency table was
employed to divide cells by condition (condition positive, day 0; condition negative,
day 5) and test (test positive, soft outlet; test negative; stiff outlet). The overall
efficiency, defined as the diagnostic odds ratio, was 1.9.
The contingency table, which was used to assess sorting efficiency, separates sorted
cells into true positives (TPs), false positives (FPs), false negatives (FNs), and true
negatives (TNs) (Fig. 5.8D; for further information, see [18]). Biophysical sorting was
used to select for pluripotent ESCs (condition positive) and against differentiated
ESCs (condition negative). Cells sorted to the soft outlet were considered as test
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positive, and cells sorted to the stiff outlet were considered as test negative.
The efficiency of sorting the day 0 cells, eday 0, was described by the positive
likelihood ratio, LR+, such that
























Similarly, the efficiency of sorting the day 5 cells, eday 5, was described by the multi-




























Thus, the efficiencies of sorting day 0 and 5 cells were 1.6 and 1.2, respectively. The
overall sorting efficiency, etotal, was described by the diagnostic odds ratio, DOR,
such that








= eday 0 · eday 5.
The overall sorting efficiency was 1.9, which is analogous to enriching a mixture from
50% to 62% day 0 cells during a single pass through the device.
5.3.3 Biophysical Subsets
Before characterizing the biological properties of partially differentiated ESCs, the
microfluidic device parameters were first optimized. A 3-outlet device containing an
additional middle outlet was employed to increase the sorting resolution relative to
the 2-outlet device used to sort day 0 from day 5 cells.
The gap height, which affects the strain to which each cell is exposed, was opti-
mized to tune the differential trajectories of pluripotent and differentiated cells. The
suspended cell size was similar for pluripotent and differentiating cells (Fig. 5.9A).
The 15.6 µm employed for sorting day 0 from day 5 cells resulted in minimal cell
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strain, but the 9.3 µm gap caused device clogging; therefore, the 11.5 µm gap was
considered to be optimal (Figs. 5.9B–5.9D).
Although the changes to viscoelasticity during differentiation were minimal, the
device parameters were also tuned to optimize viscoelastic-dependent cell separa-
tion. As the time a cell takes to pass from one ridge to the next depends on both
the inter-ridge distance and the overall flow rate, the inter-ridge distance was fixed,
and the overall flow rate, which is easier to adjust, was optimized. The lowest flow
rates investigated (2.5 µL/min) maximized the percentage of pluripotent cells reach-
ing the soft outlet and the percentage of differentiating cells reaching the middle
outlet (Figs. 5.9E, 5.9F). Lower flow rates increase the dominance of elastic- over
viscous-driven cell separation; thus, the low flow rates maximized the separation of
the relatively soft pluripotent cells from the relatively stiff differentiating cells, and
reduced separation based on the viscoelastic time constants, which were similar for
pluripotent and differentiating cells. To increase the throughout achieved with a 2.5
µL/min flow rate, a total flow rate of 5 µL/min was chosen. Cell sorting was not
biased, so both sheath inlet flow rates were set to 2 µL/min and the cell inlet flow
rate was set to 1 µL/min.
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Figure 5.9: Microfluidic Design Optimization. A. The size distribution was
similar for pluripotent (blue) and differentiating (red) cells, with modal cell sizes near
12 µm. B–D. The design of the microfluidic device requires cells to experience strain
for sorting to occur. As the gap size was increased from 9.3 to 15.6 µm, the fraction
of cells experiencing strain (gray shading) decreased. However, as the 9.3 µm gap
caused device clogging, the 11.5 µm gap was optimal. E–F. Optimization studies
indicated that a low total flow rate would increase both the fractions of pluripotent
cells reaching the soft outlet and the fraction of differentiated cells reaching the middle
outlet. The fraction of cells reaching the stiff outlet was negligible.
Biophysical subsets were generated from a cell culture that lacked LIF for 5 days,
but contained both pluripotent and differentiating colonies (Fig. 5.10A). Characteri-
zation revealed that cells in the soft subset had significantly lower Feret’s diameters
(Fig. 5.10B) and higher circularities than cells sorted to the middle and stiff outlets
(Fig. 5.10C), supporting the conclusion that the soft outlet was enriched for pluripo-
tent cells, which displayed similar morphological signatures. Furthermore, cells sorted
to the soft outlet were indeed softer than cells sorted to the stiff outlet (Fig. 5.10D).
The fast viscoelastic time constant was not different between the biophysical subsets
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(Fig. 5.10E), as observed during ESC differentiation. Differences in the slow vis-
coelastic time constant did not indicate increased pluripotency in the soft biophysical
subset (Fig. 5.10F); however, the increased slow time constant in the soft biophysical
subset may reflect the mechanism of cell sorting, which causes both soft and more
viscous cells to be sorted to the soft outlet.
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Figure 5.10: Biophysical Characterization After Microfluidic Stiffness-
Based Sorting. A. Before sorting, the cell cultures were characterized by a mixture
of rounded, pluripotent colonies (e.g. orange arrows) and mesenchymal morphology,
differentiated cells (e.g. yellow arrows). B. Cells sorted to the soft outlet had a sig-
nificantly smaller Feret’s diameter than cells sorted to the middle (padjusted = 0.012)
or stiff outlets (padjusted = 0.012). C. Cells sorted to the soft outlet were signifi-
cantly more circular than cells sorted to the middle (padjusted < 10
−6) or stiff outlets
(padjusted = 0.003). Cells sorted to the stiff outlet were significantly more circular
than cells sorted to the middle outlet (padjusted = 0.042). D. Cells sorted to the stiff
outlet were significantly stiffer than cells sorted to the soft outlet (padjusted = 0.010).
E. The sorted cells did not have a significantly different fast viscoelastic time con-
stant (pANOVA = 0.127). F. Cells sorted to the soft outlet had a significantly higher
slow viscoelastic time constant than cells sorted to the middle (padjusted = 0.019) or
stiff outlets (padjusted = 0.030). Populations connected by black bars are significantly
different (α=0.1). G. Representative images of individual cells taken during atomic
force microscopy corroborate the quantified Feret’s diameters and circularities.
5.3.4 Gene Expression of Embryonic Stem Cells by Day of Differentiation
and Biophysical Subset
ESCs were differentiated for 3 days before being sorted into biophysical subsets for
assessment of gene expression. The expression of housekeeping genes (mGAPDH,
mS18), pluripotency genes (mNANOG, mPOU5F1, mSOX2), differentiation genes
(mISL1, mMAP2), and structural genes (mACTN1, mLMNA, mMAP2) was investi-
gated both over the course of differentiation and for the soft, middle, and stiff bio-
physical subsets. mNANOG, mPOU5F1 (Oct-4), and mSOX2 are common markers
of ESC pluripotency, and mISL1 (Islet-1) expression indicates endoderm differenti-
ation. mMAP2 (microtubule-associated protein 2) expression is associated with
both ectoderm differentiation and microtubule assembly [168]. mACTN1 (α-actinin-
1) crosslinks F-actin filaments and increase the stiffness of the actin filament net-
work [19]. Expression of mLMNA (Lamin A/C) is associated with stiff nuclei [85].
During differentiation, significant changes to the expression of any gene measured
were not observed (Fig. 5.11A), as quantified by Spearman’s correlations (Table 5.2).
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However, all three pluripotency genes generally decreased during differentiation, con-
comitantly with a general increase in the endoderm differentiation gene mISL1 and
the ectoderm differentiation gene mMAP2, as expected.
The soft biophysical subset was characterized by decreased expression of the en-
doderm differentiation marker mISL1, although the pluripotency genes mPOU5F1
and mSOX2 did not change substantially and mNANOG was actually decreased
(Fig. 5.11B). Furthermore, the increased expression, on average, of mACTN1, mLMNA,
and mMAP2 in the stiff outlet suggests that the cells may be stiffer due to increased
presence of actin filaments, nuclear structure proteins, and microtubules. However,
differential gene expression among the 3 biophysical subsets was not observed for any
gene measured, as quantified by Spearman’s correlations (Table 5.2).
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Figure 5.11: Gene Expression by Day of Differentiation and Outlet. A. The
housekeeping genes mGAPDH and mS18 were consistent during differentiation. The
pluripotency genes mNANOG, mPOU5F1, and mSOX2 generally decreased during
differentiation and the differentiation gene mISL1 generally increased during differen-
tiation, as expected, but the trends were not significant. Clear trends in the structural
genes mACTN1, mLMNA, and mMAP2 were not observed. Blue, day 0; red, day 1;
green, day 2; orange, day 3; teal, day 4; violet, day 5; ∆∆Ct values, control group
= day 0. B. The pluripotency genes mPOU5F1 and mSOX2 were increased in the
soft outlet, although mNANOG showed the opposite trend. The differentiation gene
mISL1 and the structural genes mACTN1, mLMNA, and mMAP2 were all generally
increased in the middle and stiff outlets. Blue, soft outlet; red, middle outlet; green,
stiff outlet; error bars (bar plots) or shaded regions (radar plot), mean ± standard er-
ror; ∆∆Ct values, control group = soft outlet. Gene expression fold-change values of
mMAP2 increased significantly with differentiation, but did not change significantly
by day of differentiation or outlet for any gene measured, as assessed by Spearman’s
correlations (Table 5.2).
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Table 5.2: Gene Expression did not Change By Outlet or Day of Differ-
entiation, as Assessed by Spearman’s Rank Correlation Coefficients. A
significant increase in mMAP2 was observed over the course of differentiation. For










mGAPDH -0.091634 0.726508 0.179382 0.506211
mS18 0.091634 0.726508 -0.179382 0.506211
mNANOG 0.297478 0.246213 -0.325877 0.218045
mPOU5F1 -0.407704 0.104278 -0.376702 0.150377
mSOX2 -0.172643 0.507580 -0.254125 0.342234
mISL1 0.106242 0.684865 -0.130052 0.631187
mACTN1 0.347942 0.171140 -0.040361 0.882021
mLMNA 0.318726 0.212442 0.438242 0.117023
mMAP2 0.069057 0.792276 0.556084 0.025298
5.4 Discussion
To further assess the relationship between differentiation and biophysical subset,
Spearman’s correlation coefficients were calculated for each pair of parameters, tak-
ing into account either cells with a known day of differentiation (”unsorted mESCs,”
Fig. 5.11C) or cells sorted into biophysical subsets (”sorted mESCs,” Fig. 5.11D).
The correlation coefficients indicated that both pluripotent cells and cells sorted to
the soft outlet were small, soft, and round (see also Fig. 5.13), supporting the con-
clusion that the microfluidic device successfully enriched for pluripotent cells in the
soft outlet.
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Figure 5.12: Biophysical Correlation Color Maps for Unsorted and Sorted
mESCs. A. Spearman’s correlations, which indicate monotonic trends, of pairs of
biophysical parameters were compared for unsorted mESCs with known day of differ-
entiation and differentiation state (0, pluripotent; 1, differentiating). Differentiation
was positively correlated with cell size (high area, Feret’s diameter, major axis, minor
axis, perimeter) and stiffness (high Young’s modulus), but negatively correlated with
roundness (low aspect ratio; high circularity, roundness, solidity). B. Spearman’s
correlations were also calculated following microfluidic sorting, i.e. based on outlet
(-1, soft outlet; 0, middle outlet; 1, stiff outlet). The stiff outlet tended to have cells
that were larger (high area, Feret’s diameter, major axis, minor axis, perimeter),
more elongated (high aspect ratio; log circularity, roundness, solidity), and stiffer
(high Young’s modulus). Overall, the correlations between pairs of biophysical pa-
rameters were similar for unsorted mESCs relative to the day of differentiation or
differentiation state (A) and for sorted mESCs relative to the microfluidic outlet (B).
Blue, negative Spearman’s correlation coefficient (indirect relationship); red, posi-
tive Spearman’s correlation coefficient (direct relationship); white, zero Spearman’s
correlation coefficient (no correlation); cross-hatch, non-significant p-value.
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Figure 5.13: Similarities between Pairwise Biophysical Signatures of
Pluripotent Cells and Cells Sorted to the Soft Outlet. A. Compared to
the differentiating cells (red), the pluripotent cells (blue) were small, circular, and
soft. B. The biophysical characteristics were similar for cells sorted to the soft outlet
(blue) and pluripotent cells, whereas cells sorted to the middle (red) and stiff outlets
(green) resembled differentiating cells.
Importantly, the trends observed for the unsorted mESCs held regardless of data
set expansion to include cells lacking viscoelastic relaxation data (Fig. 5.14), indicat-
ing that the trends observed were not artifacts of the particular data subset chosen
for analysis.
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Figure 5.14: Trends Between Pairs of Biophysical Parameters did not
Change Substantially for Expanded Data Sets. A–B. Compared to Fig. 5.11C,
similar relationships among size, shape, mechanics, and differentiation were observed
when the data set was expanded to include cells for which viscoelastic data were not
available. The first data expansion included only cells differentiated in monolayer by
LIF removal (A, N=242), and the second data expansion considered all cells, including
cells differentiated in embryoid body format (B, N=359). As viscoelastic relaxation
profiles were not recorded for large portions (21% and 47%, respectively) of cells in
the expanded data sets, relationships with the viscoelastic relaxation time constants
were not considered.
Strikingly, Young’s modulus was the only parameter that correlated more strongly
with differentiation state (i.e. pluripotent vs. differentiating) than the day of differ-
entiation for both stiffness and stiffness-viscoelastic data, indicating that Young’s
modulus may serve as a better binary potency classifier than the other parameters
measured. Interestingly, the observed change in stiffness may have structural under-
pinnings related to the cytoskeleton and nucleus. Pluripotent stem cells are known to
have a less developed cytoskeleton than more differentiated cells [20]. Furthermore,
pluripotent ESCs have reduced levels of lamin A/C, resulting in an open chromatin
state and irregular nuclear shape [43]. Reduced levels of lamin A/C have also been
104
linked to decreased cell stiffness [85]. Previous reports have also suggested a role of
chromatin condensation in ESC stiffening during differentiation [106,112].
A previous study also sorted embryonic stem cells based on biophysical proper-
ties [158]. Tangential flow filtration was employed to separate embryonic stem cells
from ESC-derived osteoblasts or fibroblasts based on Young’s modulus. Interestingly,
the Young’s modulus increased, decreased, then increased again during osteoblast
differentiation. Despite the lack of a monotonic trend, stiffness separation between
ESCs and osteoblasts was achieved for all days of differentiation considered. The
study highlights an establishment of stiffness-based sorting of embryonic stem cells
and serves to highlight the ability to enrich for specific differentiated cell types using
stiffness-based sorting, in addition to the ability to enrich for stem cells, as shown in
the present study.
The microfluidic device presented herein, which can sort cells based on potency,
has potential applications to rescuing an over-confluent ESC culture or removing the
feeder layer from an ESC culture. To this end, mouse embryonic fibroblasts (MEFs)
and pluripotent mESCs were sorted using a microfluidic device with a 15.6 µm gap,
resulting in a 3.4-fold mESC enrichment and 3.3-fold MEF enrichment (Fig. 5.15).
Thus, the overall sorting efficiency, etotal, was 11.2.
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Figure 5.15: Biophysical Separation of Mouse Embryonic Stem Cells from
Mouse Embryonic Fibroblasts. A. The modal diameter of mouse embryonic stem
cells (mESCs, blue) was smaller than the modal diameter of the mouse embryonic
fibroblasts (MEFs, red). B. A 15.6 µm device gap was chosen to expose the majority
of mESCs and MEFs to strain (gray shading), maximizing the differential sorting tra-
jectory between cell types. C. The sorting efficiencies of mESCs in the soft outlet and
MEFs in the stiff outlet, defined similarly to eday 0 and eday 5, respectively, exceeded
3.
In the present study, pluripotent ESCs were enriched via mechanically-driven cell
sorting, which highlights cell mechanics as a basis for efficient, high-throughput iso-
lation of pluripotent ESCs. Further optimization of cell sorting parameters, such as
flow rate, cell concentration, and device geometry, in addition to employing multiple
sorts in series, will enable stiffness-based, microfluidic sorting to be used as a novel,
label-free, and highly efficient method for the purification of pluripotent ESCs. The
ability to generate pure populations of pluripotent ESCs will facilitate the under-
standing of pluripotency and serve as a step toward realizing the potential of ESCs
as cell sources for various applications. Technologies that can select for or against
pluripotent cells, such as stiffness-based microfluidic sorting, hold great potential to
be adapted for the enrichment of specific differentiated lineages, with applications to




COMPARISONS OF THE MECHANICAL PROPERTIES
AND GENE EXPRESSION OF INDIVIDUAL
EMBRYONIC STEM CELLS
6.1 Introduction
Studies of the relationships between biomolecular and mechanical properties of cells
have gained momentum in recent years, covering both in vitro cell systems and dis-
ease states, including stem cell differentiation [34,112,142], osteoarthritis [145], sickle
cell disease [90], and cancer [32, 162]. Cell mechanical parameters, such as stiffness
and viscous relaxation, serve as individual indicators of the overall cell state; in-
deed, ties between biological state and cell structure, which can be measured via
cell mechanics, have been identified in stem cell differentiation [19, 80, 142] and can-
cer metastasis [162]. Whereas mechanical parameters tend to be measured on the
single-cell level, only a few studies have measured both biophysical and biomolecular
properties at the subpopulation [87], clone [58], or individual cell level [19, 95]. Sub-
population and clonal methods do not offer the same resolution as single-cell methods,
and the existing single-cell methods rely on fluorescent techniques, where multiplex-
ing is limited by spectral overlap. Other techniques, such as molecular beacons, are
only semi-quantitative [37], which reduces the reliability of the information gleaned.
To truly understand the relationship between biological inputs and mechanical
outputs, new techniques that measure multiple parameters on the single-cell level are
needed. Unlike population-based techniques, single-cell analysis holds the potential
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to understand the complex heterogeneity of stem cell populations with regard to cell
mechanics, molecular expression, and phenotype.
Although mechanics tend to summarize cell state in one or several parameters, bi-
ological information is often highly multiplexed, resulting in data sets that can range
from the fluorescent intensity of 10 antibodies to the expression of many thousands
of genes. Thus, previous mechanics methods that relied on antibodies to deliver bio-
logical information were limited by fluorescence spectra overlaps and detection limits;
an alternative method that could generate highly multiplexed biological data paired
to mechanical information would be extremely powerful in both furthering the under-
standing cell mechanics and facilitating the use of mechanical parameters as label-free
indicators of cell state. Multiplexed methods in the context of gene expression would
enable investigations of the relationships among entire gene networks, cell mechanics,
and cell phenotype.
Therefore, we developed a method to examine single-cell genomechanics to pro-
duce single-cell data that is paired for atomic force microscopy (AFM) mechanics
measurements and polymerase chain reaction (PCR) gene expression readouts. In
the present study, the expression levels of 5 genes were analyzed per cell; however,
multiplex PCR methods can easily generate readings for 96 or more genes per cell.
The main challenge in pairing AFM and PCR data was a conflicting sample prepara-
tion requirement. AFM requires the cell to be measured on a relatively flat surface,
enabling the cantilever and associated electronics to probe the cell and come into
close contact with the substrate, typically a glass slide or relatively large Petri dish
(e.g. 50 mm). On the other hand, the liquid control requirements of single-cell PCR
force an environment in which cells are isolated in individual liquid droplets, typ-
ically achieved using a small well plate (e.g. 96-well plate, 6 mm diameter wells).
The complication is not only in satisfying two seemingly distinct sample preparation
requirements, but also in transitioning from the live-cell AFM setup to the cell-lysing
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PCR setup without losing the sample.
To address the AFM-PCR compatibility issue, cell carriers called genomechanics
rafts were created. The rafts feature a flat, hard surface that is ideal for AFM. A
hydrophilic island was created on an otherwise hydrophobic surface to localize liquid
droplets and aid both cell attachment and pre-PCR lysate collection. The raft design
also permitted macro-level manipulation with tweezers or magnets, simplifying the
transition between stages of the method. To simplify scale-up, the system was de-
signed to be compatible with standard 96-well spacing (8 rows and 12 columns spaced
at 9 mm), which facilitated instrument setup and liquid processing via multichannel
pipettors.
An overview of the single-cell genomechanics method is presented in Fig. 6.1A.
Briefly, rafts were manufactured from stainless steel washers and polydimethylsiloxane
(PDMS), a pourable polymer that hardens when cured. Oxygen plasma was used to
make the PDMS hydrophilic, but the edge of each raft was protected by a silicone
tape mask, and therefore retained the native hydrophobic nature of PDMS. One red-
fluorescent cell was added to each raft using a cell sorter and immobilized on the
surface. By focusing on green-fluorescent beads embedded in the rafts, an imaging
plate reader was able to search each raft and identify successfully immobilized cells.
Rafts were submerged in liquid for cell mechanics measurements via AFM and then
immediately dried. Finally, each cell was lysed for gene expression measurements via
PCR.
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Figure 6.1: Single-cell Genomechanics Overview. A. To enable paired,
single-cell measurements of mechanics and gene expression, rafts composed of PDMS
and steel washers were constructed. One cell was dispensed onto each raft using
fluorescence-activated cell sorting and immobilized. Cell locations were identified
relative to fluorescent beads embedded in each raft. Each cell was probed mechan-
ically by atomic force microscopy and lysed for gene expression analysis. B. The
single-cell genomechanics method enables investigation of the interplay between 1)
cell mechanical parameters, 2) molecular structural components, and 3) phenotypic
differentiation.
The first single-cell genomechanics study was performed on embryonic stem cells
(ESCs), which we and others have shown to stiffen during differentiation (Chap-
ter 5, [106, 112]). For the first time, the tendency for stem cell stiffness to change
during differentiation has been observed using not the day of differentiation, but
rather gene expression, as the gold standard for differentiation state. Importantly
within the context of stem cell biology, the single-cell technique is capable of detect-
ing trends independently of asynchronous differentiation, which confounds studies
that investigate populations of cells pooled by the day of differentiation. While nei-
ther day of differentiation nor gene expression is a perfect indicator of differentiation
state, the new capacity to define differentiation based on dozens of gene expression
measurements promises to enable improved definition of the differentiation state, and
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thereby unambiguously clarify the relationship between cell mechanics and differen-
tiation. Overall, the new method enables a direct understanding of the interplay
between cell mechanics, cell structure, and phenotypic differentiation at the level of
the individual cell (Fig. 6.1B). The single-cell genomechanics method can be applied
to new biomedical systems by simply changing the cell type or target genes to un-




The genomechanics rafts served as carriers to enable macro-scale manipulation of
single cells. The rafts were composed of flat washers, PDMS, and fluorescent beads.
Washers were employed to prevent the liquid-submerged rafts from floating during
atomic force microscopy. The washers were sufficiently rigid for manipulation using
tweezers and sufficiently magnetic for manipulation using a neodymium magnetic
wand. 18-8 stainless steel washers were chosen due to reduced cytotoxicity compared
to standard zinc-coated washers [96]. M2.5 washers (inner diameter = 2.7 mm; outer
diameter = 6.0 mm) were chosen to maximize the inner diameter (i.e. the target
size for cell dispensing), while matching the outer diameter to the well diameter of
a 96-well plate, enabling the use of standard mutichannel pipettors. Washers were
stamped with Xs to identify orientation (Fig. 6.2A).
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Figure 6.2: Manufacture of Genomechanics Rafts with Hydrophilic Is-
lands. A. Stainless steel washers were stamped with Xs to identify the side to which
cells would be attached. B. The stamped washers were added to a mold with 6 mm
holes, which were filled with PDMS and cured. Another thin layer of PDMS contain-
ing fluorescent beads was added, enabling identification of the cell focal plane and
facilitating cell localization during atomic force microscopy. C. A release liner was
created to prevent adhesion to the area surrounding the rafts. D. Push pins were
first used to align the raft mold to the release liner. E. A mask with an array of 3.6
mm holes, composed of polypropylene, silicone adhesive, and release liner layers, was
pinned to a corkboard alignment tool. F. The release liner was removed from the
mask, exposing the silicone adhesive. G. Using the alignment holes on the corkboard,
the centers of the rafts and the mask holes were aligned. H–I. Hydrophilic islands
were created by treating the rafts with oxygen plasma and removing the mask. Dyed
water was employed to illustrate the hydrophobic barrier created by the mask; prior
to dispensing cells onto the rafts, adhesive ligands were adsorbed to the hydrophilic
islands and rafts were removed from the mold.
The washer filler material was chosen to be PDMS as an optically transparent
material with sufficient stiffness to serve as the substrate for cell mechanics mea-
surements [155]. As a pourable polymer, PDMS also enabled a scalable method of
raft completion that did not require the use of potentially cytotoxic glues. PDMS
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exhibits low levels of autofluorescence at lower wavelengths and is generally less aut-
ofluorescent than acrylic or polycarbonate [113]. Finally, PDMS is also known to be
compatible with nucleic acids, as the Fluidigm microfluidic chips employed for PCR
are composed of PDMS and PDMS adsorbs low levels of PCR sample compared to
alternative materials [167].
Molds for curing the PDMS onto the stamped washers were created by first cutting
an array of holes matching the washer outer diameter into a three-layer sheet of 1/32
in. acrylic, silicone tape (3M), and a release liner (3M) using a VLS3.50 laser cutter
(Universal Laser Systems, Scottsdale, AZ). The cut sheet was cleaned, the release
liner was removed, and the silicone tape was adhered to a clean polypropylene film,
completing the mold.
After treating the mold with release agent (1 µL/mL Tween-20 in PBS) for 15
min, the washers were loaded into each well with Xs facing up. A mixture of PDMS
pre-polymer and curing agent (5:1 v:v; Sylgard 184, Dow Corning) was poured into
each well and degassed. The excess mixture was scraped off to ensure consistent 1/32
in. thickness of each raft, and the PDMS was partially cured at 100°C for 30 min.
To facilitate identification of the cell focal plane and enable cell localization within
a small field of view, fluorescent beads were added to the top of the rafts. Thus,
another layer of PDMS pre-polymer and curing agent containing fluorescent beads
was spread thinly on top of the raft surface using a paint roller. The rafts were then
cured completely at 100°C for 1 h (Fig. 6.2B).
As PDMS is naturally hydrophobic, a hydrophilic island was created at the center
of the raft to enable coating with cell-adhesive ligands, whereas the still-hydrophobic
edges facilitated lysate collection by manual pipetting of lysis buffer. The hydrophilic
island also served to simplify the cell’s environment by preventing contact with the
washer for all stages of processing except AFM, which required full submersion of
each raft. Oxygen plasma was used to create hydrophilic islands, but required a
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mask to prevent plasma treatment, and thereby retain hydrophobicity, of the raft
edges. Silicone tape was thus chosen to seal the edges of each raft.
The previously removed release liner (Fig. 6.2C) was aligned with the cured rafts
using push pins (Fig. 6.2D), preventing the silicone tape from adhering too strongly to
the acrylic mold and prematurely ripping the rafts out of the mold. A three-layer mask
composed of polypropylene film, silicone tape, and release liner was laser cut with a
hole array of 3.6 mm diameter, which was chosen to match the diameter of a 384-well
plate, as the minimum resolution for cell dispensing given by the manufacturer of
the cell sorter. The polypropylene layer of the mask was taped onto a corkboard
alignment tool, using push pins to align the mask with the existing alignment holes
(Fig. 6.2E). The push pins were then removed, and the release liner was removed,
exposing the silicone tape (Fig. 6.2F). The raft mold, along with the first release
liner and the push pins, were flipped and aligned to the mask (Fig. 6.2G). Finally,
the mask was trimmed, and the silicone tape was press-sealed to the PDMS at the
site of each raft, enabling maximum definition of the barrier between the hydrophilic
plasma-treated islands and the hydrophobic untreated PDMS edges.
Although sterilization by autoclave diminished bead fluorescence, rafts were treated
with 70% ethanol, exposed to ultraviolet light, and rinsed with sterile water to mini-
mize cytotoxicity. Rafts were treated with air plasma for 6 min using a plasma cleaner
(Harrick), creating the desired hydrophilic islands (Figs. 6.2H, 6.2I). The mask was im-
mediately removed under a sterile biocabinet, and the cell-adhesive ligand Cell-Tak™
(Corning) was adsorbed onto the surface for 30 min according to the manufacturer’s
instructions. Following a wash with sterile water, rafts were removed from the molds
and stored at 4°C for less than 1 week before use. In preliminary testing, of rafts
visually identified to contain a single cell, Cell-Tak™ caused immobilization of 36%
of cells following a wash step, whereas similar non-specific binding ligands, such as
gelatin and poly-L-lysine, resulted in reduced cell retention (<5%).
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Immediately prior to cell preparation, each raft was transferred to a custom 96-well
pate and loaded with a 5 µL DMEM droplet, which supported cell viability without
blocking the Cell-Tak™ adhesion sites. To prevent dehydration, a humectant com-
posed of a sponge saturated with sterile water and acrylic layers to prevent disruption
of the DMEM droplets was added to the well plate and sealed with pressure-sensitive
optical adhesive film (ThermoFisher). The plate was stored on ice to reduce evapo-
ration.
6.2.2 Cell Culture
Murine ESCs (D3 cell line, ATCC, Manassas, VA) were cultured in growth me-
dia (15% fetal bovine serum [Atlanta Biologicals, Atlanta, GA], 2 mM L-glutamine
[ThermoFisher, Waltham, MA], 1x MEM non-essential amino acid solution [Medi-
atech, Herndon, VA], 0.1 mM 2-mercaptoethanol [ThermoFisher], and 100 U/mL
penicillin, 100 µg/mL streptomycin, and 0.25 µg/mL amphotericin [PSA; Mediatech]
in Dulbecco’s modified Eagle’s medium [DMEM; Sigma-Aldrich, St. Louis, MO]) on
polystyrene Petri dishes treated with 0.1% gelatin (Millipore, Billerica, MA). Me-
dia was changed every other day, and cells were passaged at approximately 70%
confluence. To encourage pluripotency, growth media was supplemented with 1.1 x
103 U/mL leukemia inhibitory factor (LIF; Millipore). Upon achieving pluripotent
colonies, as identified by rounded morphology, differentiation was induced by cultur-
ing the mESCs in LIF- growth media.
6.2.3 Cell Staining
Although concerns have been raised that cell dyes can affect cell stiffness [89], the
dyes were vital to cell localization in the present study, as it is challenging to find a
single cell in a large area under brightfield illumination. Furthermore, no significant
difference in stiffness was observed when day 0 mESCs were stained with 25 µM Cell-
Tracker™ Green CMFDA (ThermoFisher), the highest concentration recommended by
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the manufacturer, and measured by atomic force microscopy on gelatin-coated glass
(Fig. 6.3). Although the average stiffnesses differ between the unstained and stained
cells, the ranges of the observed stiffnesses were well-aligned for both populations,
with the exception of the stiffest stained cell.
Figure 6.3: CellTracker™ does not Significantly Impact Cell Mechanics.
There was no significant difference between untreated mESCs and mESCs treated
with 25 µM CellTracker™ Green (p=0.208).
Whereas the fluorescent beads were easily distinguishable relative to background,
the stained cells were less easily identified (see Fig. 6.5). The combination of green
beads and red cells proved superior to the combination of red beads and green cells,
which may have suffered from PDMS autofluorescence or bleedtrough from the red
to the green channel. Therefore, mESCs were stained with 25 µM CellTracker™ Red
CMTPX dye (ThermoFisher), using the manufacturer’s protocol with the highest
recommended dye concentration for maximal visibility. Prior to cell dispensing, cells
were detached from the gelatin-coated dishes using a solution of 0.05% trypsin and
0.53 mM ethylenediaminetetraacetic acid (EDTA; Sigma-Aldrich), pelleted by cen-
trifugation, dissociated by trituration, and stored on ice.
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6.2.4 Single-cell Dispensing and Immobilization
A FACSAria Fusion™ cell sorter (BD Biosciences, San Jose, CA) was employed to
identify single stained cells and to dispense 1 cell onto each raft (Fig. 6.4). Index
sorting was employed such that the FACS parameters recorded by the instrument
could be tracked to each individual raft. The humectant was immediately returned
and the well plate was re-sealed. Cells were immobilized on Cell-Tak™ during 1-2 h
incubation at 37°C.
Figure 6.4: Single-cell Dispensing. A. Day 0 ESCs were first identified using
a side scatter vs. forward scatter gate. B. A forward scatter-height vs. forward
scatter-width gate was used to eliminate multi-cell clusters. C. A side scatter-height
vs. side scatter-width gate further ensured the removal of clusters. D. Single cells
with the brightest CellTracker™ Red signal (PE-Texas Red channel) were chosen for
dispensing onto the rafts. E–H. Identical gates were applied for day 3 ESCs. On
average, the day 3 cells were observed to be larger (i.e. higher forward scatter) than
the day 0 cells.
6.2.5 Cell Localization
Following cell immobilization, rafts were washed twice with media, which has been
empirically determined to remove cells that were not sufficiently adhered for AFM
probing. As the acrylic-containing humectant was observed to be autofluorescent, a
custom silicone lid was used during imaging. A Cytation™ 3 imaging plate reader
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(BioTek) was employed to identify cell location, while maintaining the well plate at
37°C and 5% CO2. Using a 4x objective, a 2x2 montage of each raft was sufficient
to image the inner diameter of each washer. The GFP channel enabled automatic
focusing on the bead focal plane, which corresponded with the cell focal plane. The
Cy5 channel was then used to determine the absence or presence of a cell on each raft
(Fig. 6.5).
Figure 6.5: Cell Localization. A. The imaging plate reader first focused on the
beads (GFP channel) in the center of each well to identify the top surface of each
raft. A 2x2 montage was then constructed, generating an image of the entire inner
diameter of the washer. B. A montage of the cell (Cy5) channel was then constructed
to identify cell location (yellow arrow), using the bead channel for stitching. The cell
montage was used to detect the presence or absence of a cell on each raft. C. An
overlay of the bead and cell channels was used to locate the cell during atomic force
microscopy. Scale bar, 250 µm. D–F. Magnified images (Panels A-C, white boxes)
aided identification of the cell location (yellow arrow). Scale bar, 50 µm.
6.2.6 Atomic Force Microscopy
To simplify the tip-cell contact geometry, 5.5 µm polystyrene beads were attached to
tipless silica nitride cantilevers (Bruker Probes, Camarillo, CA) using two-part epoxy,
and dried overnight. Mechanical properties of individual cells were obtained from
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force-indentation curves recorded with an atomic force microscope (Asylum Research,
Santa Barbara, CA) with an integrated optical microscope (Nikon, Melville, NY) on
a vibration isolation table. Photodetector calibration was performed on a PDMS raft
lacking adhesive ligands and cells, which was sufficiently stiff to obtain a calibration
curve similar to curves obtained on glass substrates (Fig. 6.6). The Sader calibration
method [123] was used to obtain cantilever spring constants (k=10-13 pN/nm) based
on the thermal vibration of the cantilever.
Figure 6.6: Atomic Force Microscopy Calibration Curves. PDMS is softer
than glass or polystyrene, which are typically employed for AFM cell mechanics mea-
surements. However, given the relatively low spring constant of the cantilever (10-13
pN/nm), the calibration curves obtained on glass (top) and PDMS (bottom) were
similar. The similar slopes of the deflection vs. Z-sensor curves, which are propor-
tional to force vs. indention curves, indicate that the difference in Young’s modulus
between glass and PDMS had a negligible effect on the cellular Young’s modulus
calculations.
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Rafts were transferred to a glass-bottom dish containing phosphate-buffered saline
(PBS; with calcium and magnesium), and raft orientation was verified using the
stamped Xs. As cell stiffness is sensitive to temperature [116], measurements were
taken in room temperature PBS to reduce variability. The cell focal plane was iden-
tified using the fluorescent beads (FITC channel), which also enabled rotational ori-
entation. The cell was then located relative to the beads using images taken with the
plate reader. Brightfield illumination was used to visually align the cantilever probe
with the cell center. The probe was translated to indent the cell with a velocity of 2
µm/s until a force trigger of 5 nN was reached.
To calculate the cellular Young’s modulus, the Hertzian contact model was fit to
the compression segment of the force-indentation curve over the applied force range of
2.5-4.75 nN, where the Young’s modulus was largely independent of the indentation.
The cells were taken to be incompressible (cellular Poisson’s ratio = 0.5). The Young’s
modulus of each cell was calculated as the average of 3 independent measurements.
Immediately following each measurement, rafts were transferred to a magnetic
surface to prevent movement. Residual liquid was removed by manual pipetting.
5 µL lysis buffer (CellsDirect™ 2x reaction mix [ThermoFisher] containing 1 U/µL
SUPERase In™ RNase inhibitor [ThermoFisher] to prevent degradation) was pipetted
onto the raft and then transferred to a PCR plate on ice. After all measurements
were complete, the lysate samples were stored at -80°C.
6.2.7 Primer Validation
Primers were obtained from Invitrogen, as listed in Table 6.1, and resuspended in
DNA suspension buffer (Teknova, Hollister, CA).
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Table 6.1: Primer Sequences. Primers employed for pre-amplification and PCR.





















Primer pairs were designed using Primer3 and validated for RT-qPCR through
amplification of cDNA prepared with the CellsDirect™ One-Step qRT-PCR kit (Ther-
moFisher) and run on a StepOne Plus with SYBR Green detection chemistry (Ther-
moFisher). Amplification traces were baseline corrected and amplification efficiencies
were measured using LinRegPCR software [121, 122, 149]. Melt curves were used
for preliminary screening of primer pairs for primer dimers and multi-product re-
actions, and all primer products were validated for length and specificity using gel
electrophoresis on a 1% agarose gel run in 1.5x TAE buffer.
6.2.8 Gene Expression
Lysed cells were mixed with the pooled set of primers (normalized to 500 nM),
SuperScript® III RT Platinum® Taq Mix, and nuclease-free water. A thermocy-
cler was used to convert RNA to cDNA, with reverse transcription occurring at 50°C
for 15 min, followed by reverse transcriptase inactivation and Taq activation at 95°C
for 2 min. To amplify the cDNA using the pooled primers, the sample was exposed
to 20 cycles of 15 s at 95°C and 4 min at 60°C. The cDNA samples were stored at
4°C.
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cDNA samples were then processed with exonulcease I to remove any unincorpo-
rated primer and diluted 5-fold. 3 µL of each sample and primer mix was prepared
for the Fluidigm FLEXsixIFC chip. Finally, a Fluidigm Biomark was used to thermal
cycle the chip 30 times and read the amplification via EvaGreen® fluorescence.
Ct values and threshold fluorescence signals were obtained using the Fluidigm
Real-Time PCR Analysis software package with automatic detector thresholds. Ini-




, where t is the threshold fluorescence signal for each target, Ct is the thresh-
old cycle for each sample, and ε is the reaction efficiency, assessed as the mean ef-
ficiency calculated using LinRegPCR software. Gene expression fold-changes were
calculated using the ∆Ct method, with the housekeeping gene as m18S. m18S ∆Ct
values were not included in the correlation analysis, as the values are defined as 1.
Initially, the expression levels of mSOX2, mMYF5, mPAX6, mLMNA, mACTN1,
and mMAP2 were also measured. However, the low abundance of the target genes pre-
cluded PCR amplification, and the genes were removed from the analysis. mNANOG
only amplified in one sample, and was excluded from analysis as the sample size was
not sufficient to calculate correlation coefficients.
6.2.9 Lysate Recovery Testing
To assess the manual pipetting method of cell lysis, lysate obtained from genome-
chanics rafts with positively identified cells were compared to samples in which cells
were dispensed directly into lysis buffer using the cell sorter.
cDNA libraries from mESCs were prepared and pre-amplified using the Cells-
Direct™ One-Step qRT-PCR kit (ThermoFisher) with 20 cycles of pre-amplification
according to manufacturer’s instructions. Standard curve libraries were prepared from
samples containing 8, 4, 2, 1 or 0.5 cells (0.5 cells = 1 cell diluted twice), as counted
by the cell sorter. Comparison libraries were created for single cells lysed manually on
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genomechanics rafts. 8-cell libraries that were pre-amplified without Taq polymerase
(”Taq-”), as well as RT-qPCR reaction mixtures without template cDNA, served as
negative controls. cDNA was run in a StepOne Plus with SYBR Green detection
chemistry (ThermoFisher) with 500 nM mGAPDH primers (see Table 6.1).
Amplification curves resulting from both 1 and 3 µL lysate displayed consistent
Cq values (Fig. 6.7A), suggesting a low signal-to-noise ratio. Thus, similarly to digital
droplet PCR analysis, the percentage of samples reaching the threshold amplification
was considered (Fig. 6.7B). Within the 1 cell/sample group, a higher percentage
of samples amplified for manually pipetted lysis buffer than direct-to-buffer FACS
dispensing, suggesting the validity of the manual pipetting method.
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Figure 6.7: Cell Lysate Recovery. A. On the basis of Cq, differences among 1 µL
samples (blue), 3 µL samples (red), and Taq- controls (black) were not discernible,
indicating a low signal-to-noise ratio given the low number of cells per sample. Error
bars indicate mean ± standard error. B. Therefore, samples were compared based on
the percentage of samples that amplified (i.e. reached the threshold amplification).
The percentage of samples that amplified generally increased with the number of cells
per sample, as expected. Lysate samples obtained by pipetting following cell adhesion
to the rafts (striped bars) were more likely to amplify than lysate samples obtained
by directly dispensing cells into lysate buffer using fluorescence-activated cell sorting
(FACS; solid bars), suggesting the validity of the manual pipetting lysis method.
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6.2.10 Statistics and Figure Generation
Bootstrapping ANOVA was performed using a custom code in MATLAB (Math-
Works, Natick, MA) to discern statistically significant differences and apply Holm’s
p-value adjustment (α=0.1), as previously reported [19]. Spearman’s rank correla-
tions were assessed by first using JMP statistical software (SAS Institute, Cary, NC)
to obtain coefficients and raw p values and subsequently using a custom Microsoft
Excel spreadsheet to apply Holm’s p-value adjustment (α=0.1) and plot the resulting
color matrices (Fig. 6.10). Beeswarm plots (Fig. 6.3) and semitransparent scatter
plots (Fig. 6.9) were generated using a custom MATLAB code.
6.3 Results
Force-indentation curves of day 0 (LIF+) and day 3 cells (LIF- for 3 days) indi-
cated that the pluripotent day 0 cells were softer than the differentiating day 3 cells
(Fig. 6.8), in agreement with previous findings (Chapter 5, [81, 106,112,139]).
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Figure 6.8: Cell Stiffness Probed by Atomic Force Microscopy. Cell stiffness,
which is related to the slope of the force-indentation curve, was lower for day 0 cells
(blue, mean=2.3 kPa, n=12 cells) than day 3 cells (red, mean=4.0 kPa, n=8 cells).
The curves depict 3 independent measurements of 2 representative cells selected from
each population.
Correlations among pairs of FACS, mechanics, and gene expression parameters
were considered, with gene expression data based on either raw N0 values or ∆Ct
values normalized by the housekeeping gene m18S (Figs. 6.9, 6.10). Interestingly, one
day 3 cell had a similar expression of the pluripotency gene mPOU5F1 compared to
the day 0 cells (see Fig. 6.9, Young’s modulus vs. mPOU5F1, top-left). The dif-
ferentiation state of the individual day 3 cell was more characteristic of the day 0
population than the day 3 population, indicating potential asynchronous differenti-
ation. Importantly, such a result would be very difficult to obtain using traditional
population-based comparisons of pluripotent and differentiated cells; the single-cell




Figure 6.9: Pairwise Comparisons between FACS, Mechanics, and Gene
Expression Data, based on Initial Number of Molecules. A. Based on the ini-
tial number of molecules calculation (N0), the cellular Young’s modulus appeared to
decrease with the pluripotency gene mPOU5F1 and increase with the differentiation
gene mISL1, suggesting that single-cell stiffness is inversely related to differentiation.
Interestingly, a day 3 cell (red) with low Young’s modulus displayed mPOU5F1 ex-
pression similar to the day 0 cells (blue; see top-left of Young’s modulus vs. mPOU5F1
plots). Such an observation, which may be explained by asynchronous differentiation,
would be difficult to detect with population methods, which typically average cells
based on the day of differentiation. B. Similar observations were made for the ∆Ct
values calculated by normalizing gene expression data to the housekeeping gene m18S.
Spearman’s correlations were calculated to detect monotonic trends among the
FACS, mechanics, and gene expression parameters. Significant positive trends be-
tween N0 and ∆Ct values for each gene indicated that the analysis was not strongly
affected by normalization (Fig. 6.10). Although not statistically significant, the neg-
ative correlation between Young’s modulus and pluripotency (mPOU5F1), coupled
with the positive correlation between Young’s modulus and differentiation (mISL1),
suggests that the genomechanics method is capable of detecting an inverse single-
cell relationship between stiffness and potency, which has been observed previously
in cell population studies (Chapter 5, [106, 112]). Importantly, the stiffness-potency
relationship was observable without taking the known day of differentiation into ac-
count, emphasizing the ability of the single-cell genomechanics method to operate
independently of the typical day of differentiation gold standard, which is hampered
by the faulty assumption that differentiation is synchronous.
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Figure 6.10: Single-Cell Genomechanics Correlation Color Map. Spear-
man’s correlations were calculated to detect monotonic trends among the FACS,
mechanics, and gene expression parameters. Although not statistically significant,
the negative relationship between Young’s modulus and mPOU5F1 and the positive
relationship between Young’s modulus and mISL1 support the conclusion that the
genomechanics method is capable of detecting a single-cell relationship between cell
stiffness and potency. Strong, positive relationships between N0 and ∆Ct values for
each gene indicate that results generally hold regardless of the whether normaliza-
tion is applied. Blue, negative Spearman’s correlation coefficient (indirect relation-
ship); red, positive Spearman’s correlation coefficient (direct relationship); white,
zero Spearman’s correlation coefficient (no correlation); cross-hatch, non-significant
p-value.
6.4 Discussion
Considered as populations, the pluripotent day 0 cells were, on average, softer than
the differentiating day 3 cells, in agreement with previous studies (Chapter 5, [81,
106,112,139]). However, the single-cell genomechanics method enabled more detailed
analysis of biomechanical and biomolecular heterogeneity, revealing a soft cell in the
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day 3 population that expressed the pluripotency marker mPOU5F1. Thus, the
method enables the relationship between cell mechanics and biology to be examined
with more resolution than previous techniques.
Within the context of stem cell differentiation, the ability of the genomechan-
ics method to change the differentiation-defining gold standard would be particu-
larly profound. Recent computational techniques hold the capacity to develop time-
independent differentiation progress metrics from RNA sequencing data [143]. Re-
defining differentiation state independently of the day of differentiation, in combina-
tion with the genomechanics method, would enable a clearer understanding of the
mechanical changes stem cells undergo during differentiation; importantly, such un-
derstanding would be unfettered by asynchronous differentiation, which confounds
current techniques.
Broadening the scope of this study beyond stem cells would enable the genetic
underpinning of cell mechanical heterogeneity to be more easily understood. The
coefficient of variation of cellular Young’s modulus typically exceeds 50%, even for
clonal cell populations, but the single-cell genomechanics method can be employed
to shed light on the biological sources of biomechanical heterogeneity, such as cell
cycle, cell structure, and physiological state. Furthermore, single-cell genomechanics
can be used to clarify the relative contribution of the cell structure components (e.g.
nucleus, actin, intermediate filaments, microtubules) to overall cell stiffness, which is
often debated.
The genomechanics technique is easily expandable to other genes by simply chang-
ing the primers used during PCR. Further such experiments of ESCs will seek to fortify
understanding of the interplay between cell mechanics, cell structure, and differen-
tiation by investigating genes related to pluripotency, lineage specification, nuclear
structure, cytoskeletal structure, and cell cycle.
The majority of cell types is also compatible with the method presented herein.
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As cells are immobilized to the rafts using a non-specific protein surface, even non-
adherent cell types can be adapted to the technique; indeed, even pluripotent ESCs
do not adhere to standard tissue-culture polystyrene, and gelatin or other substances
must be employed for cells to adhere during routine cell culture. Even if a given cell
type did not adhere to the rafts as currently designed, the adhesive surface can easily
be changed to virtually any charged adhesive ligand and adsorbed following oxygen
plasma treatment. The ability to study other cell types enables the investigation
of questions beyond the realm of stem cell biology. Cell stiffness is well known to
inversely correlate with metastasis [32, 162], but single-cell analysis would enable
further study of the role of cell cycle on stiffness. Furthermore, cell systems containing
subsets with well-defined biomolecular signatures but low prevalence, such as cancer
and immunology, could be studied at the single-cell level to elucidate the potential of
cell stiffness as a phenotype-specific biomarker.
Interestingly, future single-cell genomechanics studies may elucidate the tempo-
ral responses of genes, proteins, and mechanics to differentiation; indeed, previous
studies suggest that, in response to differentiation, cell stiffness may change before
morphology (Chapter 5) and morphology may change before pluripotency marker
expression [98]. Thus, asynchronous differentiation may affect, to varying degrees,
the extent of heterogeneity with regard to gene expression, protein expression, cell
morphology, and cell mechanics.
The present study employed a novel technique to measure stem cell mechanics and
gene expression at the single-cell level, permitting the observation that ESC stiffness
increases during differentiation, regardless of the effects of asynchronous differentia-
tion. The method is broadly applicable to answering various questions relating the





Overall, cell stiffness has been shown as a stemness indicator in mesenchymal stem
cells, limbal stem cells, and mesenchymal stem cells. Importantly, cell stiffness is
a label-free, sorting-compatible marker, as evidenced by the ability to enrich for
pluripotent embryonic stem cells using microfluidic stiffness-based sorting technology.
By simplifying the complicated cell structure to a simple spring via the Young’s
modulus, pluripotent or differentiated cells can be identified from a heterogeneous
population, as summarized in Fig. 7.1.
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Figure 7.1: Summary. Starting with a heterogeneous population of cells, including
cells with high potency (blue) and low potency (red), stemness can be identified via
cell stiffness. The cellular Young’s modulus represents a simple metric that integrates
the complicated cell structure, including the nucleus (black), actin (blue-green), inter-
mediate filaments (yellow), and microtubules (red-orange). Single-cell stemness can
be identified using atomic force microscopy, or microfluidic sorting can be employed
to separate a cell population into stiffness subsets, resulting in enriched populations
of undifferentiated (blue) and differentiated cells (red).
7.2 Mechanical Stiffness as an Improved Single-cell Indi-
cator of Osteoblastic Human Mesenchymal Stem Cell
Differentiation
The stiffness of hMSCs was determined to decrease during osteoblast differentiation,
which agreed with some studies, but contradicted others. In contrast to other studies,
a novel method of location registration was employed, enabling first-ever single-cell
correlations between cell mechanics and protein expression, as assessed by fluores-
cently tagged antibodies. Thus, using the day of differentiation as the gold standard
of differentiation state, cell stiffness was determined to be more predictive of differen-
tiation than the traditional biomolecular markers, osteocalcin and bone sialoprotein.
The follow-up work to this study sought to replace the protein markers by highly
multiplexed genetic markers. However, the gridded Petri dish registration technique
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still holds great promise for simplified correlation studies at the single-cell level. The
hMSC study was complicated by the relatively slow and low-level secretion kinetics
of osteoblasts; however, the technique may be employed with other cell types that
have faster secretion times or better studied surface protein expression. Furthermore,
secretion inhibition compounds may be used to maximize the signal in cells with
slow or low-level protein production, enabling more detailed comparisons between
the kinetics of protein secretion and mechanics changes.
Although the slow growth rate of hMSCs hampered their use in subsequent cell
sorting experiments, which require high cell numbers, interesting questions remain
regarding the relationship between mechanics and hMSC differentiation. It would be
interesting to study mechanics within the context of the Dominici criteria [41] and
investigate the relationship between levels of hMSC markers (e.g. CD73, CD105,
CD166) and cell stiffness.
7.3 Cellular Stiffness as a Novel Stemness Marker in the
Corneal Limbus
The first characterization of limbal stem cell mechanics was performed, yielding the
conclusion that LSCs are softer than both in vivo- and in vitro-differentiated cells.
Mechanics have been characterized in various cell systems, but this work was con-
nected to the broader context of cell sorting using sensitivity analysis. The diagnos-
tics odds ratio (DOR) was calculated as an overall metric of a parameter’s utility
to classify samples into groups (in this case, to classify cells by potency). The re-
sulting receiver operating curves provide a useful framework, both specifically within
the context of LSCs for the improvement of corneal therapies and generally within
the broader context of bioprocessing, with applications to improve the design of cell
sorting devices.
High-throughput, microfluidic separation technologies require cells to be in sus-
pension. Thus, to move from investigation of stiffness as a stem cell biomarker to
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phenotypic stiffness-activated cell sorting, further understanding of cells in the sus-
pended state is required, as differences in mechanical properties between adhered and
suspension cells may exist [34]. Adherent cells typically express integrins, which are
intimately involved in mechanosensing and mechanotransduction through control of
cytoskeletal structure [33]. Mechanical forces induce the assembly of focal adhesions,
triggering integrin-dependent signaling [33]. Integrins are also connected to the nu-
cleus through cytoskeletal filaments, which may result in mechanical niche-induced
nuclear changes [33]. Additionally, naive hMSCs have been shown to stiffen in tens of
minutes after suspension [92]. In spite of these facts, the DOR based on adherent-cell
stiffness was shown to be correlated with the stiffness-based sorting DOR, which op-
erates on suspended cells, for various cell types. Furthermore, although the absolute
cell stiffness is known to change based on attachment state, the relative cell stiffness
values between cell types are robust to attachment state (Fig. 7.2). Further study to
fortify this understanding, perhaps employing optical tweezers, which can operate on
suspended cells, will be necessary to pin down the relationship between cell mechanics
and cell attachment.
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Figure 7.2: Relative Differences in Young’s Modulus between Cell Types
does not Depend on Attachment Time. The Young’s moduli of adherent (20-
32 h adhesion time) and suspension-like (15 min adhesion time) human mesenchymal
stem cells (hMSCs) and human osteoblasts (hOBs) were statistically distinct, indicat-
ing that relative stiffness differences between cell types are detectable for populations
with similar attachment times. Populations connected by black bars are significantly
different (Holm’s adjusted p-values, α=0.10). Young’s moduli of adherent hMSCs
and hOBs replotted from [19].
7.4 Biophysical Subsets of Embryonic Stem Cells Display
Distinct Phenotypic and Morphological Signatures
Although mESCs were already known to stiffen during differentiation, the phenomenon
was validated and refined by considering multiple days of differentiation. The mESC
stiffening effect was observed to take place in only 1 day for cells differentiated by LIF
removal and measured on a poly-L-lysine substrate. Additionally, the soft biophysical
subset of partially differentiated cells, which were produced using a microfluidic sort-
ing device, were shown to be morphologically, mechanically, and genetically similar
to pluripotent (LIF+) mESCs.
As a follow-up study of mESC biophysical subsets, it would be interesting to
assess the clonogenicity of each biophysical subset by plating cells onto gelatin-coated
96-well plates at a low, clonal density and culturing the cells until colonies formed.
Cell morphology and alkaline phosphatase staining could be used to functionally
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assess pluripotency [99, 100, 148] in a high-throughput, automated manner. A live-
cell alkaline phosphatase stain, available from ThermoFisher (#A14353), could be
employed for fast readouts of potency. Similar studies could also be conducted to
assess differences in differentiation potential among biophysical ESC subsets.
Since cell nuclei are generally observed to be stiffer than the cytoskeleton [119] and
ESC nuclei occupy a large volume of the cell [112], the ESC stiffness would be expected
to change along with nuclear stiffness. Further exploration of this relationship could
be completed by isolating cell nuclei and comparing overall cell stiffness to nuclear
stiffness. Additionally, location registration techniques, such as the gridded Petri dish,
could be used to assess the relationship between mechanics and imaging parameters
derived from a fluorescent nuclear dye, such as DAPI or Hoechst.
Additional biophysical subset studies can be performed to identify whether stiff-
ness is heritable. After obtaining biophysical subsets and verifying distinct mechanical
parameters, the magnitude of changes to the parameters during extended cell culture
would reveal the kinetics and robustness of initially mechanically distinct subsets.
Mechanical heritability has previously been assessed in the context of mechanotrans-
duction [163], but changes to the endogenous cell mechanics have not been addressed.
Whereas the relationship between cell mechanics and cytoskeletal structure is
well understood in spread cells, such as hMSCs, the relationship is less understood
in epithelial-like cells, such as mESCs. Investigation of cell structure, either based
on the day of differentiation or on biophysical subsets, could be achieved by staining
cells for nuclear material, F-actin, microtubules, and intermediate filaments (e.g.
cytokeratins, vinculin).
To further understand the relationship between nuclear structure and mechan-
ics, the epigenetics and chromatin structure of cells could be assessed post-sort. As
stem cell populations may be derived from a single clone, variable gene expression
and epigenetics may be observed within a population although the gene sequence
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is identical. One particular target for epigenetic investigation is Lamin A (LMNA),
which is known to modulate nuclear stiffness [85]. Interestingly, CpG island promoter
hypermethylation is known to inactivate LMNA in 50% of leukemia and lymphoma
cell lines [1]. Furthermore, long-lived cytoskeletal structures may act as epigenetic
determinants of cell shape, function, and fate [51]. Recent methods for single-cell
epigenetics [16] may also enable more detailed study of the relationships between
epigenetic states and mechanical properties.
High LMNA expression is known to correlate with stiff nuclei [85], and LMNA
is known to increase with hESC differentiation (before Oct-3/4 decreases, but after
Tra-1-60 decreases) [28]. If similar trends hold in mESCs, chromatin compaction via
LMNA hypermethylation may be implicated in ESC stiffening during differentiation.
The sorting trajectories of single-population pluripotent or differentiating ESCs
suggested that low flow rates would produce a high enrichment factor for pluripo-
tent cells, with approximately 90% of the pluripotent cells reaching the soft outlet
(Figs. 5.9E, 5.9F). However, upon sorting a mixed population of pluripotent and
differentiating cells, the diagnostic odds ratio was only 1.9 (Fig. 5.8). Diminished
sorting efficiency may have been caused by 1) difficulty in distinguishing pluripotent
from differentiating cells after sorting or 2) interaction effects between the cell types.
CellTracker™ dyes were employed to distinguish pluripotent from differentiating
cells, and performed well for unmixed, singly-stained cell populations, even following
an incubation step that simulated the ambient temperature and mixing conditions
experienced during sorting. However, upon mixing cell populations stained with each
CellTracker™ dye, the fluorescence spectra shifted together and became more difficult
to distinguish. As the percentage of cells that could not be definitively classified as
pluripotent or differentiating increased, so the sorting efficiency of the device was
dampened. Due to the combined effects of potential ”cross-talk” between dyes and
the implicit, but potentially inaccurate, assumption of synchronous differentiation in
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differentially staining entire cell populations, gene expression targets were ultimately
chosen as additional indicators of differentiation and sorting efficiency.
Interaction effects between the pluripotent and differentiating cells may have also
reduced the sorting efficiency. Notably, the differentiating cells were observed to be
more adhesive than the pluripotent cells. Thus, clusters containing both pluripotent
and differentiating cells may have formed, unpredictably dispersed while traversing
the microfluidic device, and sorted unpredictably, thereby reducing the efficiency of
stiffness-based sorting. While the exact prevalence of the clustering effect in the
ESC cell system is unknown, retaining a single-cell suspension throughout the sorting
process will be paramount to maximizing future cell enrichment efficiencies.
7.5 Single-cell Genomechanics Enables Comparisons of the
Mechanical Properties and Gene Expression of Indi-
vidual Embryonic Stem Cells
A novel method enabling the measurement of single-cell mechanics and gene expres-
sion was developed. Importantly, the technique can be easily multiplexed, enabling
dozens of genes to be measured for an individual cell and correlated with the cell me-
chanical properties. The technique successfully identified the expected trend between
ESC stiffness and potency, independently of the day of differentiation.
The technique is currently hampered by the difficulty in obtaining large sample
numbers. In an average 96-well plate containing 1 cell per raft, AFM and PCR
measurements were successfully obtained for only about 2 cells. The primary rate-
limiting step is cell immobilization, which is potentially caused by 1) insufficient
dispensing resolution of the cell sorter in the row-column plane of the plate, 2) slow
or insufficient immobilization of the cell on the Cell-Tak surface, 3) cell dislodgement
during washing, or 4) insufficient brightness to recognize cell localization. As the first
three causes have either been addressed or are difficult to control, the identification
of cells during AFM should be prioritized. Ideally, an automated system would be
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developed to help the researcher find the cell based on plate reader images; typically,
this step is rate-limiting. Localization via a template matching algorithm has been
attempted, but the algorithm is not sufficiently robust to localize the cell using a live
image. Specifically, minor changes in focal plane and bright areas, which appear to
arise from debris in the fluorescent bead solution, limit the ability to correctly identify
the location of the current field of view within the full-well images taken using the
imaging plate reader.
The gene expression information obtained for each cell can easily be scaled to 96
genes per cell using Fluidigm technology. Additional information can also be gleaned
from cell mechanics by performing force map measurements, rather than individual
measurements, on each cell. Using the full z-range of the AFM, force maps over
the full height range of ESCs can be recorded. Furthermore, after identifying the
contact point using a recently developed algorithm [13], the Young’s modulus can
be determined as a function of strain [29] and used to generate a force map video in
which strain increases over time and color changes indicate localized, strain-dependent
Young’s moduli.
Additional gene targets for single-cell genomechanics, including genes related to
cell cycle, structure, differentiation, and mechanotransduction, are listed in Table 7.1.
Further genes of interest related to mechanotransduction are also available in [48]. To
complement the PCR-based genomechanics technique, post-AFM biological readouts
could be adapted to recent advances in single-cell Western blotting [71] or epigenetics
[16]. Western blotting could be targeted at the protein transcripts of the genes listed
in Table 7.1, whereas epigenetics studies may be most interesting in the context of
LMNA, as discussed in Section 7.4.
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Table 7.1: Additional Targets for Single-Cell Genomechanics.










CCNB1 cyclin B1 cell cycle G2
CCNB2 cyclin B2 cell cycle M




































































TUBB3 tubulin beta-3 chain cytoskeleton microtubules
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Table 7.1 Continued.
Symbol Gene Group Subgroup
CFL2 cofilin-2 cytoskeleton actin










NES nestin lineage specification endoderm/ectoderm
AFP α-fetaprotein lineage specification endoderm/ectoderm
KDR Flk-1 lineage specification mesoderm

































LMNB1 lamin B1 nucleus
LMNB2 lamin B2 nucleus
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APPENDIX A
MECHANICAL STIFFNESS AS AN IMPROVED
SINGLE-CELL INDICATOR OF OSTEOBLASTIC
HUMAN MESENCHYMAL STEM CELL
DIFFERENTIATION – SUPPLEMENTAL MATERIAL1
A.1 Methods
A.1.1 Antibodies
The primary and secondary antibodies used in flow cytometry immunophenotyping
are summarized in Tables A.1, A.2.




Fluorophore Dilution Product Number
anti-CD34 Human
CD34




















Mouse PE 1:100 Biolegend
343903
CD166 Isotype — Mouse PE 1:100 Biolegend
400111
1Portions of this chapter were reproduced from [19].
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Table A.2: Secondary Antibody.
Target Host Species Fluorophore Dilution Product Number
Mouse IgM/IgG/IgA Goat FITC 1:100 Southern
Biotech 1010-02






3002 GSM308067 GSM308068 GSM308069 GSM308070 GSM308030
3080 GSM308071 GSM308072 GSM308073 GSM308074 GSM308034
3205 GSM308075 GSM308076 GSM308077 GSM308078 GSM308037
3206 GSM308079 GSM308080 GSM308081 GSM308082 GSM308041
Table A.4: Original p-Values for Mechanics Data.
hMSC-OB Day:
hOB









: 0 — 0.4129 0.0227 0.9954 0.5546 0.0309 0.0033 0.0081
3 — 0.0648 0.3721 0.7075 0.0820 0.0044 0.0166
6 — 0.0132 0.0192 0.6311 0.4020 0.7718
10 — 0.5093 0.0185 0.0013 0.0041
13 — 0.0124 0.0000 0.0004




Table A.5: Adjusted p-Values for Mechanics Data.
hMSC-OB Day:
hOB









: 0 — 1.0000 0.3632 1.0000 1.0000 0.4635 0.0825 0.1782
3 — 0.9072 1.0000 1.0000 0.9840 0.1012 0.3154
6 — 0.2640 0.3330 1.0000 1.0000 1.0000
10 — 1.0000 0.3330 0.0338 0.0984
13 — 0.2604 0.0000 0.0108
17 — 0.9072 1.0000
20 — 1.0000
hOB —
Table A.6: Single-Cell Correlation Data.
Variable 1 Variable 2 Spearman’s ρ p original p adjusted
Area Day of Differentiation -0.3323 <0.0001 <0.0091
Area Young’s Modulus 0.3678 <0.0001 <0.0091
Aspect Ratio Area -0.1035 0.1217 1
Aspect Ratio Circularity -0.5724 <0.0001 <0.0091
Aspect Ratio Day of Differentiation 0.0844 0.2072 1
Aspect Ratio Perimeter 0.3236 <0.0001 <0.0091
Aspect Ratio Young’s Modulus 0.1231 0.0652 1
BSP Area -0.1601 0.0162 0.5022
BSP Aspect Ratio -0.1446 0.0302 0.8456
BSP Circularity 0.2826 <0.0001 <0.0091
BSP Day of Differentiation 0.1979 0.0029 0.1073
BSP Perimeter -0.2443 0.0002 0.0092
BSP Roundness 0.1712 0.0101 0.3434
BSP Young’s Modulus -0.1075 0.1077 1
Circularity Area -0.3564 <0.0001 <0.0091
Circularity Day of Differentiation 0.0988 0.1396 1
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Table A.6 Continued.
Variable 1 Variable 2 Spearman’s ρ p original p adjusted
Circularity Perimeter -0.8259 <0.0001 <0.0091
Circularity Young’s Modulus -0.2765 <0.0001 <0.0091
Eccentricity Area 0.13 0.0514 1
Eccentricity Aspect Ratio -0.9735 <0.0001 <0.0091
Eccentricity BSP 0.1711 0.0101 0.3434
Eccentricity Circularity 0.5989 <0.0001 <0.0091
Eccentricity Day of Differentiation -0.0735 0.2721 1
Eccentricity Feret’s Diameter -0.5513 <0.0001 <0.0091
Eccentricity Major Axis -0.6614 <0.0001 <0.0091
Eccentricity Minor Axis 0.7596 <0.0001 <0.0091
Eccentricity OCN 0.0919 0.1693 1
Eccentricity Perimeter -0.297 <0.0001 <0.0091
Eccentricity Roundness 1 <0.0001 <0.0091
Eccentricity Young’s Modulus -0.1165 0.0812 1
Feret’s Diameter Area 0.6591 <0.0001 <0.0091
Feret’s Diameter Aspect Ratio 0.5779 <0.0001 <0.0091
Feret’s Diameter BSP -0.2461 0.0002 0.0092
Feret’s Diameter Circularity -0.7723 <0.0001 <0.0091
Feret’s Diameter Day of Differentiation -0.1656 0.0129 0.4128
Feret’s Diameter Major Axis 0.9436 <0.0001 <0.0091
Feret’s Diameter Minor Axis 0.0393 0.5577 1
Feret’s Diameter OCN -0.1006 0.1323 1
Feret’s Diameter Perimeter 0.8818 <0.0001 <0.0091
Feret’s Diameter Roundness -0.5513 <0.0001 <0.0091
148
Table A.6 Continued.
Variable 1 Variable 2 Spearman’s ρ p original p adjusted
Feret’s Diameter Young’s Modulus 0.3911 <0.0001 <0.0091
Major Axis Area 0.6142 <0.0001 <0.0091
Major Axis Aspect Ratio 0.6879 <0.0001 <0.0091
Major Axis BSP -0.2272 0.0006 0.0258
Major Axis Circularity -0.7261 <0.0001 <0.0091
Major Axis Day of Differentiation -0.1443 0.0305 0.8456
Major Axis OCN -0.1154 0.0841 1
Major Axis Perimeter 0.8277 <0.0001 <0.0091
Major Axis Roundness -0.6614 <0.0001 <0.0091
Major Axis Young’s Modulus 0.3853 <0.0001 <0.0091
Minor Axis Area 0.7253 <0.0001 <0.0091
Minor Axis Aspect Ratio -0.7331 <0.0001 <0.0091
Minor Axis BSP 0.0259 0.699 1
Minor Axis Circularity 0.1721 0.0097 0.3395
Minor Axis Day of Differentiation -0.2716 <0.0001 <0.0091
Minor Axis Major Axis -0.0629 0.3474 1
Minor Axis OCN -0.0134 0.8421 1
Minor Axis Perimeter 0.3006 <0.0001 <0.0091
Minor Axis Roundness 0.7596 <0.0001 <0.0091
Minor Axis Young’s Modulus 0.1462 0.0284 0.8236
OCN Area -0.1104 0.0987 1
OCN Aspect Ratio -0.0654 0.3288 1
OCN BSP 0.6596 <0.0001 <0.0091
OCN Circularity 0.1986 0.0028 0.1064
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Table A.6 Continued.
Variable 1 Variable 2 Spearman’s ρ p original p adjusted
OCN Day of Differentiation 0.1812 0.0064 0.2304
OCN Perimeter -0.1541 0.0208 0.624
OCN Roundness 0.0919 0.1694 1
OCN Young’s Modulus -0.1382 0.0384 0.96
Perimeter Area 0.7951 <0.0001 <0.0091
Perimeter Day of Differentiation -0.2377 0.0003 0.0132
Perimeter Young’s Modulus 0.3869 <0.0001 <0.0091
Perimeter:Area Area -0.4397 <0.0001 <0.0091
Perimeter:Area Aspect Ratio 0.6646 <0.0001 <0.0091
Perimeter:Area BSP -0.1075 0.1077 1
Perimeter:Area Circularity -0.5901 <0.0001 <0.0091
Perimeter:Area Day of Differentiation 0.2097 0.0016 0.064
Perimeter:Area Eccentricity -0.638 <0.0001 <0.0091
Perimeter:Area Feret’s Diameter 0.2126 0.0013 0.0546
Perimeter:Area Major Axis 0.2061 0.0019 0.0741
Perimeter:Area Minor Axis -0.7316 <0.0001 <0.0091
Perimeter:Area OCN -0.0705 0.2922 1
Perimeter:Area Perimeter 0.1433 0.0316 0.8456
Perimeter:Area Roundness -0.638 <0.0001 <0.0091
Perimeter:Area Young’s Modulus -0.0218 0.745 1
Roundness Area 0.13 0.0515 1
Roundness Aspect Ratio -0.9735 <0.0001 <0.0091
Roundness Circularity 0.5989 <0.0001 <0.0091
Roundness Day of Differentiation -0.0735 0.2723 1
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Table A.6 Continued.
Variable 1 Variable 2 Spearman’s ρ p original p adjusted
Roundness Perimeter -0.297 <0.0001 <0.0091
Roundness Young’s Modulus -0.1165 0.0813 1
Young’s Modulus Day of Differentiation -0.2136 0.0013 0.0546
Table A.7: Cell Population Correlation Data.
Variable 1 Variable 2 Spearman’s ρ p original p adjusted
BSP Day of Differentiation 0.5139 <0.0001 <0.0003
OCN Day of Differentiation 0.5195 <0.0001 <0.0003
OCN BSP 0.8921 <0.0001 <0.0003
Table A.8: Single-Cell Correlation Data (Readjusted).
Variable 1 Variable 2 Spearman’s ρ p original p adjusted
OCN BSP 0.6596 <0.0001 <0.0003
BSP Day of Differentiation 0.1979 0.0029 0.0058
OCN Day of Differentiation 0.1812 0.0064 0.0064
Table A.9: GO cellular component gene sets enriched in hMSC phenotype
based on Gene Set Enrichment Analysis (GSEA). Size, number of genes in
each gene set that appeared in the dataset; ES, enrichment score; NES, normalized
enrichment score; p, nominal p-value for the statistical significance of the enrichment
score; FDR q, FDR-adjusted p-value.
Name Size ES NES p FDR q
CHROMOSOME 114 -0.64684 -2.39457 0 0
CHROMOSOME PERICEN-
TRIC REGION
27 -0.8331 -2.38101 0 0
CHROMOSOMAL PART 88 -0.67821 -2.37618 0 0
SPINDLE 37 -0.77124 -2.33851 0 0
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Table A.9 Continued.
Name Size ES NES p FDR q
KINETOCHORE 22 -0.80783 -2.19197 0 0
SPINDLE MICROTUBULE 15 -0.8572 -2.15332 0 0
MICROTUBULE CY-
TOSKELETON
136 -0.53713 -2.01797 0 0.000349
CONDENSED CHROMO-
SOME
29 -0.68079 -2.01764 0 0.000306
MICROTUBULE ORGA-
NIZING CENTER
57 -0.6142 -2.01263 0 0.000393
CENTROSOME 49 -0.61732 -1.95472 0 0.001652
REPLICATION FORK 17 -0.77228 -1.94433 0 0.001608
MICROTUBULE 31 -0.66056 -1.9215 0 0.002273
SPINDLE POLE 17 -0.75592 -1.89858 0.001901 0.002803
CONDENSED NUCLEAR
CHROMOSOME
16 -0.74319 -1.88456 0 0.002767
NUCLEAR CHROMOSOME 50 -0.58816 -1.86942 0 0.00328
CHROMATIN 34 -0.62182 -1.84537 0 0.004664
CYTOSKELETAL PART 215 -0.45521 -1.80533 0 0.008715
CYTOSKELETON 336 -0.41317 -1.73251 0 0.02014
LEADING EDGE 41 -0.56125 -1.7241 0.005102 0.021379
NUCLEAR CHROMOSOME
PART
31 -0.58063 -1.693 0.010084 0.027808
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Table A.10: GeneGO Maps significantly associated with 4,396 features
differentially expressed between hMSCs and hOBs at FDR<0.01.. p, hy-
pergeometric p-value (probability that the enrichment of the differentially expressed
genes was obtained purely by chance); FDR q, FDR-adjusted p-value; N1, number of
identifiers among differentially expressed features; N2, total number of identifiers.
Rank Maps p FDR q N1 N2
1 Cell cycle The metaphase checkpoint 1.34E-13 9.40E-11 22 36
2 Cell cycle Start of DNA replication in
early S phase
9.68E-13 3.39E-10 20 32
3 DNA damage ATM / ATR regulation
of G2 / M checkpoint
1.77E-11 4.13E-09 17 26
4 Cell cycle Chromosome condensation
in prometaphase
7.81E-10 1.37E-07 14 21
5 Cell cycle Role of APC in cell cycle
regulation
1.76E-09 2.46E-07 17 32
6 Cell cycle Spindle assembly and chro-
mosome separation
3.28E-09 3.83E-07 17 33
7 Reproduction Progesterone-mediated
oocyte maturation
1.76E-08 1.76E-06 18 40
8 Transcription Role of Akt in hypoxia
induced HIF1 activation
7.44E-08 6.51E-06 14 27
9 Cell cycle Regulation of G1/S transi-
tion (part 1)
3.42E-07 2.66E-05 16 38
10 G-protein signaling RhoA regulation
pathway
3.83E-07 2.68E-05 15 34
11 Cytoskeleton remodeling TGF, WNT
and cytoskeletal remodeling
4.60E-07 2.93E-05 30 111
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Table A.10 Continued.
Rank Maps p FDR q N1 N2
12 Cell adhesion Chemokines and adhe-
sion
5.04E-07 2.94E-05 28 100
13 Cytoskeleton remodel-
ing Cytoskeleton remodeling
7.85E-07 4.23E-05 28 102
14 Development TGF-beta receptor sig-
naling
1.03E-06 4.98E-05 18 50
15 DNA damage ATM/ATR regulation
of G1/S checkpoint
1.07E-06 4.98E-05 14 32
16 Immune response Oncostatin M sig-
naling via MAPK in human cells
1.44E-06 6.28E-05 15 37
17 Cell cycle Initiation of mitosis 1.90E-06 7.81E-05 12 25
18 Translation Regulation of EIF4F ac-
tivity
2.74E-06 1.07E-04 18 53
19 Signal transduction PKA signaling 6.92E-06 2.55E-04 17 51
20 Apoptosis and survival BAD phospho-
rylation
9.23E-06 3.08E-04 15 42
21 Immune response PIP3 signaling in B
lymphocytes
9.23E-06 3.08E-04 15 42
22 Development BMP signaling 1.06E-05 3.37E-04 13 33
23 Immune response HMGB1/RAGE
signaling pathway
1.24E-05 3.78E-04 17 53
24 Cell cycle Cell cycle (generic schema) 1.54E-05 4.48E-04 10 21
25 Development Thromboxane A2 path-
way signaling
1.73E-05 4.85E-04 16 49
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Table A.10 Continued.
Rank Maps p FDR q N1 N2
26 Cell cycle Nucleocytoplasmic trans-
port of CDK/Cyclins
2.07E-05 5.56E-04 8 14
27 Immune response Oncostatin M sig-
naling via MAPK in mouse cells
2.25E-05 5.82E-04 13 35
28 Cell cycle Role of 14-3-3 proteins in
cell cycle regulation
2.56E-05 6.40E-04 10 22
29 Immune response MIF-induced cell
adhesion, migration and angiogenesis
3.23E-05 7.79E-04 15 46
30 Development IGF-1 receptor signaling 3.99E-05 9.30E-04 16 52
31 Development WNT signaling path-
way. Part 1. Degradation of beta-
catenin in the absence WNT signaling
4.39E-05 9.92E-04 9 19
32 Development WNT signaling path-
way. Part 2
5.17E-05 1.12E-03 16 53
33 Cell cycle Transition and termination
of DNA replication
5.28E-05 1.12E-03 11 28
34 Immune response Antigen presenta-
tion by MHC class II
5.91E-05 1.20E-03 7 12
35 Signal transduction AKT signaling 6.01E-05 1.20E-03 14 43
36 Immune response Role of integrins in
NK cells cytotoxicity
6.14E-05 1.20E-03 13 38
37 Development Glucocorticoid receptor
signaling
6.41E-05 1.21E-03 10 24
38 Immune response BCR pathway 6.66E-05 1.22E-03 16 54
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Table A.10 Continued.
Rank Maps p FDR q N1 N2
39 Immune response Oncostatin M sig-
naling via JAK-Stat in human cells
7.26E-05 1.30E-03 9 20
40 Development VEGF signaling via
VEGFR2 - generic cascades
8.44E-05 1.45E-03 21 84
41 Immune response Fc epsilon RI path-
way
8.51E-05 1.45E-03 16 55
42 Development c-Kit ligand signaling
pathway during hemopoiesis
9.34E-05 1.56E-03 17 61
43 Transcription Transcription regula-
tion of aminoacid metabolism
9.70E-05 1.58E-03 10 25
44 Development Thrombopoietin-
regulated cell processes
1.05E-04 1.67E-03 14 45
45 DNA damage Role of Brca1 and Brca2
in DNA repair
1.11E-04 1.72E-03 11 30
46 Cell adhesion Plasmin signaling 1.15E-04 1.75E-03 12 35
47 Cell adhesion ECM remodeling 1.57E-04 2.33E-03 15 52
48 Regulation of CFTR activity (norm
and CF)
1.70E-04 2.48E-03 16 58
49 Development Growth hormone signal-
ing via PI3K/AKT and MAPK cas-
cades
1.96E-04 2.8E-03 13 42
50 Possible pathway of TGF-beta 1-
dependent inhibition of CFTR expres-
sion
2.07E-04 2.85E-03 10 27
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Table A.10 Continued.
Rank Maps p FDR q N1 N2
51 Immune response TREM1 signaling
pathway
2.12E-04 2.85E-03 16 59
52 Immune response Immunological
synapse formation
2.12E-04 2.85E-03 16 59
53 Cell cycle Role of Nek in cell cycle reg-
ulation
2.16E-04 2.85E-03 11 32
54 Immune response HTR2A-induced ac-
tivation of cPLA2
2.55E-04 3.30E-03 13 43
55 Immune response IL-4 signaling path-
way
3.28E-04 4.18E-03 13 44
56 Immune response Histamine signaling
in dendritic cells
3.63E-04 4.34E-03 14 50
57 Immune response C5a signaling 3.63E-04 4.34E-03 14 50
58 HIV-1 signaling via CCR5 in
macrophages and T lymphocytes
3.66E-04 4.34E-03 12 39
59 Transcription P53 signaling pathway 3.66E-04 4.34E-03 12 39
60 Development Keratinocyte differenti-
ation
3.84E-04 4.47E-03 15 56
61 Proteolysis Putative SUMO-1 path-
way
4.05E-04 4.58E-03 10 29
62 Transcription Androgen Receptor nu-
clear signaling
4.19E-04 4.58E-03 13 45
63 Development Ligand-independent ac-
tivation of ESR1 and ESR2
4.19E-04 4.58E-03 13 45
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Table A.10 Continued.
Rank Maps p FDR q N1 N2
64 Cell adhesion Ephrin signaling 4.19E-04 4.58E-03 13 45
65 Immune response NFAT in immune
response
4.535E-04 4.88E-03 14 51
66 Immune response Fc gamma
R-mediated phagocytosis in
macrophages
5.30E-04 5.45E-03 13 46
67 Development Hedgehog signaling 5.30E-04 5.45E-03 13 46
68 Signal transduction PTEN pathway 5.30E-04 5.45E-03 13 46
69 Immune response Sialic-acid recep-
tors (Siglecs) signaling
6.22E-04 6.31E-03 6 12
70 Development PIP3 signaling in car-
diac myocytes
6.65E-04 6.34E-03 13 47
71 Transport Clathrin-coated vesicle cy-
cle
6.72E-04 6.39E-03 17 71
72 Immune response Regulation of T cell
function by CTLA-4
6.83E-04 6.39E-03 11 36
73 G-protein signaling Regulation of
RAC1 activity
6.83E-04 6.39E-03 11 36
74 Immune response CD40 signaling 6.93E-04 6.39E-03 16 65
75 Apoptosis and survival Endoplasmic
reticulum stress response pathway
6.94E-04 6.39E-03 14 53
76 Development Endothelin-1/EDNRA
signaling
6.94E-04 6.39E-03 14 53
77 Immune response IL-18 signaling 8.49E-04 7.63E-03 15 60
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Table A.10 Continued.
Rank Maps p FDR q N1 N2
78 Immune response HSP60 and HSP70/
TLR signaling pathway
8.50E-04 7.63E-03 14 54
79 DNA damage DNA-damage-induced
responses
1.01E-03 8.81E-03 5 9
80 Development Melanocyte develop-
ment and pigmentation
1.02E-03 8.81E-03 13 49
81 Development A3 receptor signaling 1.02E-03 8.81E-03 13 49
82 Immune response MIF-mediated glu-
cocorticoid regulation
1.04E-03 8.81E-03 8 22
83 Translation Regulation of translation
initiation
1.04E-03 8.81E-03 9 27
Table A.11: GeneGO Process Networks. GeneGO Process Networks signif-
icantly associated with 4,396 features differentially expressed between hMSCs and
hOBs at FDR<0.04. p, hypergeometric p-value (probability that the enrichment
of the differentially expressed genes was obtained purely by chance); FDR q, FDR-
adjusted p-value; N1, number of identifiers among differentially expressed features;
N2, total number of identifiers.
Rank Process Networks p FDR q N1 N2
1 Cell cycle Core 5.45E-15 8.66E-13 58 114
2 Cell cycle S phase 7.58E-12 6.03E-10 63 147
3 Cell cycle G2-M 1.86E-09 9.86E-08 74 205
4 Cell cycle Mitosis 3.15E-09 1.25E-07 66 177
5 Cytoskeleton Spindle microtubules 2.21E-07 7.02E-06 43 108
6 Immune response BCR pathway 1.97E-05 5.22E-04 43 125
7 Signal transduction WNT signaling 2.50E-05 5.67E-04 54 170
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Table A.11 Continued.
Rank Process Networks p FDR q N1 N2
8 Reproduction Progesterone signaling 6.45E-05 1.28E-03 58 192
9 Translation Regulation of initiation 3.40E-04 6.01E-03 39 123
10 DNA damage Checkpoint 8.45E-04 1.34E-02 38 124
11 Signal Transduction Cholecystokinin
signaling
1.17E-03 1.69E-02 30 93
12 Reproduction FSH-beta signaling
pathway
1.29E-03 1.70E-02 44 152
13 Development Ossification and bone
remodeling
1.49E-03 1.82E-02 44 153
14 Cell cycle G1-S 1.79E-03 1.98E-02 46 163
15 DNA damage DBS repair 1.91E-03 1.98E-02 33 108
16 Immune response Phagocytosis 2.10E-03 1.98E-02 53 195
17 Inflammation Histamine signaling 2.12E-03 1.98E-02 48 173
18 Development Blood vessel morpho-
genesis
3.18E-03 2.81E-02 56 212
19 Inflammation TREM1 signaling 3.75E-03 3.01E-02 36 125
20 Inflammation IL-4 signaling 3.79E-03 3.01E-02 32 108
21 Cell adhesion Platelet aggregation 4.98E-03 3.77E-02 36 127
A.1.2 Flow cytometry immunophenotyping
Cells were fixed with 4% (w:v) paraformaldehyde for 15 min, washed with PBS, and
stored in PBS at 4°C. Cells were permeabilized by incubation with 0.5% Triton X-100
in sterile H2O for 30 min at 4°C, with resupension by vortexing every 15 min. Cells
were then washed in working buffer solution (WBS, 3 mg/mL bovine serum albumin
and 1% Tween-20 in sterile PBS, sterile filtered) and incubated with WBS containing
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10% normal goat serum for 1 h at 4°C, with resupension by vortexing every 15 min.
Cells were washed with WBS and incubated in primary antibody solution for 30 min
at 4°C. Cells were washed with WBS and incubated in WBS or secondary antibody
solution (where applicable) for 30 min at 4°C. Cells were washed twice in WBS before
data were taken on an Accuri C6 flow cytometer (Becton Dickinson, Franklin Lakes,
NJ). Samples were run in triplicate, with at least 10,000 FSC/SSC-gated events per
sample. Data were analyzed using FlowJo software (TreeStar, Ashland, OR).
A.1.3 Donor test
Additional hMSCs at passage 1 were obtained from the Tulane University Center for
Gene Therapy (Donor 7071L) and grown similarly to the hMSCs from Texas A&M.
The stiffnesses of hMSCs from each donor were compared at passage 4 using Student’s
independent t-test (α=0.05).
A.1.4 Single-cell immunofluorescence
Cells were washed twice with PBS and fixed with 4% (w:v) paraformaldehyde for
30 min at room temperature. Cells were then washed twice with PBS and once
with wash buffer (1 mg/mL bovine serum albumin in PBS). Cells were permeabi-
lized by incubation with 0.5% Triton X-100 in sterile H2O for 30 min and blocked
by incubation with 10% normal goat serum and 0.3% Triton X-100 in PBS for 45
min. Cells were incubated with 1:500 rabbit anti-human BSP (ab52128, Abcam,
Cambridge, MA) and 1:15 phycoerythrin (PE)-conjugated mouse anti-human OCN
(IC1419P, R&D Systems, Minneapolis, MN) in dilution buffer (10 mg/mL bovine
serum albumin, 1% normal goat serum, 0.3% Triton X, 0.1 mg/mL sodium azide in
PBS) for 12 h at 4°C, washed twice with wash buffer, incubated in 1:100 fluorescein
isothiocyanate (FITC)-conjugated goat anti-rabbit IgG (Abcam ab97068) in dilution
buffer for 1 h, and washed twice with wash buffer. Cell membranes were then stained
with HCS CellMask Blue (H32720, Invitrogen, Carlsbad, CA, 1:10,000 in PBS) for 30
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min. Following two washes in PBS, cells were mounted in anti-fade reagent (100 mM
N-propyl gallate in 1:1 [v:v] PBS:glycerol) and sealed under a 22 mm glass coverslip
with clear nail polish. Gridded Petri dishes were inverted prior to imaging on an
inverted microscope in order to image the cells through a single glass coverslip.
A.1.5 Gene expression analysis
Raw gene expression data for naive hMSCs, Day 1, 7, or 10-14 hMSC-OBs, and
hOBs [62] were downloaded as Affymetrix (Santa Clara, CA) Human Genome U133
Plus 2.0 .CEL files from the gene expression omnibus (GEO) dataset GSE 12267
(http://www.ncbi.nlm.nih.gov/geo/). Data for 4 patients (3002, 3080, 3205, 3206)
were analyzed as biological replicates (Table A.3). Quality of raw data was evalu-
ated and the data were GCRMA-normalized using the Arrayanalysis.org tool [45].
Normalized expression data were analyzed by differential expression analysis (DEA)
and gene set enrichment analysis (GSEA). DEA was performed using the significance
analysis of microarrays (SAM) method [150] as (1) paired analysis to identify genes
with significant differences in gene expression between hMSCs and hOBs and (2)
one class time course analysis to identify genes with consistent increase or decrease
in expression during hMSCs osteoblastic differentiation. In DEA, probe sets with
absent calls (detected by MAS5 algorithm) across all specimens were removed and
GCRMA-normalized signals for remaining probe sets were analyzed by SAM as paired
data (hMSCs vs. hOBs) or as time series data using slope summarization. Features
identified as differentially expressed were biologically interpreted via their functional
enrichment in GeneGO Maps and GeneGO Process Networks using MetaCore version
6.15 build 62452 integrated software suite (GeneGO, Thomson Reuters, Philadelphia,
PA) [15]. GSEA analysis [135] was performed on GCRMA-normalized data without
any pre-filtering of probe sets for hMSCs vs. hOBs using categorical phenotype la-
bels and signal-to-noise metrics to identify gene sets significantly enriched in specific
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phenotypes. Gene set permutation type and C5 GO gene sets (Molecular Signatures
Database v4.0; 1454 gene sets) were the parameters were used in this GSEA. Gene
sets with q<0.05 were considered to be significantly enriched in a given phenotype.
A.1.6 Statistics
Original p-values and Holm’s adjusted p-values determined from the bootstrapping
post-hoc analysis of AFM data are listed in Tables A.4, A.5, respectively. Spearman’s
rank correlation coefficients, original p-values, and Holm’s adjusted p-values for single-
cells and cell populations are listed in Tables A.6, A.7, respectively. To facilitate
comparison to the cell population data, Holm’s adjustment was recalculated for the
single-cell data using N=3 (Fig. 5C); the recalculated Holm’s adjusted p-values are
listed in Table A.8.
A.2 Results
A.2.1 Flow cytometry immunophenotyping
Fluorescence intensity histograms were gated to indicate the percentage of puta-
tive hMSCs positive for the indicated antibody compared to each negative control.
Relative to secondary antibody only control, hMSCs were negative for CD34 and
CD45 (Fig. S1A-B). Relative to unlabeled cells, hMSCs were negative for CD133
and positive for CD73 and CD105 (Fig. S1C-E). Relative to isotype control, hMSCs
were positive for CD166 (Fig. S1F). Putative hMSCs were therefore CD34-, CD45-,
CD133-, CD73+, CD105+, and CD166+, indicating MSC phenotype.
A.2.2 Image processing validation
The aspect ratio can be written as the inverse of roundness or, assuming a perfect
ellipse, 1√
e2−1 , where e is the eccentricity. For a perfect eclipse, e is related to the
roundness, r, by e =
√
1 + r2. Therefore, the aspect ratio was perfectly inversely
related (Spearman’s ρ=-1) to both roundness and eccentricity, and e was perfectly
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directly related to r (Spearman’s ρ=+1).
The major axis is the primary axis of the best fitting ellipse, and Feret’s diameter is
the largest distance between any two points on the cell boundary. Therefore, generally
elliptical morphologies are likely to have a Feret’s diameter similar to the major axis,
and a strong positive relationship was observed (Table A.6). The perimeter:area
ratio is equivalent to 4π
c·p , where c is circularity and p is perimeter. The perimeter:area
ratio was therefore strongly inversely related to circularity. Circularity, which can be
written as 4π·A
p2
, is more strongly dependent on perimeter, p, than area, A; therefore,
a strong inverse relationship between circularity and perimeter was observed.
A.2.3 Gene expression
GSEA revealed that relative to hOBs, hMSCs were enriched for 20 GO cellular compo-
nent gene sets, including Chromosome, Chromatin, Cytoskeletal Part, and Cytoskele-
ton (Table A.9). Within the Cytoskeleton set, 70 genes comprised a leading-edge sub-
set that contributed most to the Cytoskeleton gene set enrichment (Supplementary
Excel Sheet 4). 12 of the leading-edge subset genes mapped to the Actin Cytoskele-
ton Organization GO term, 6 to Regulation of Actin Filament Polymerization or
Depolymerization, and 5 to Actin Filament Capping.
DEA identified 4,396 differentially expressed Affymetrix features between hMSCs
and hOBs (|FC| ≥ 1.5; FDR=4.77%), of which 2,367 probe sets showed increased
expression and 2,029 showed decreased expression in hOBs relative to hMSCs (Sup-
plementary Excel Sheet 2). The differentially expressed features were enriched in
83 GeneGO Maps at FDR=1% (Table A.10) and 21 GeneGO Process Networks at
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[117] Rodŕıguez, J. P., González, M., Rios, S., and Cambiazo, V., “Cy-
toskeletal organization of human mesenchymal stem cells (MSC) changes dur-
ing their osteogenic differentiation.,” Journal of Cellular Biochemistry, vol. 93,
pp. 721–731, Nov. 2004.
[118] Romano, A. C., Espana, E. M., Yoo, S. H., Budak, M. T., Wolosin,
J. M., and Tseng, S. C. G., “Different cell sizes in human limbal and central
corneal basal epithelia measured by confocal microscopy and flow cytometry.,”
Investigative ophthalmology & visual science, vol. 44, pp. 5125–5129, Dec. 2003.
[119] Rowat, A. C., Lammerding, J., Herrmann, H., and Aebi, U., “Towards
an integrated understanding of the structure and mechanics of the cell nucleus.,”
BioEssays : news and reviews in molecular, cellular and developmental biology,
vol. 30, pp. 226–236, Mar. 2008.
[120] Rubin, H., “Cell aging in vivo and in vitro.,” Mechanisms of ageing and de-
velopment, vol. 98, pp. 1–35, Oct. 1997.
176
[121] Ruijter, J. M., Ramakers, C., Hoogaars, W. M. H., Karlen, Y.,
Bakker, O., van den Hoff, M. J. B., and Moorman, A. F. M., “Am-
plification efficiency: linking baseline and bias in the analysis of quantitative
PCR data.,” Nucleic Acids Research, vol. 37, p. e45, Apr. 2009.
[122] Ruijter, J. M., Lorenz, P., Tuomi, J. M., Hecker, M., and van den
Hoff, M. J. B., “Fluorescent-increase kinetics of different fluorescent re-
porters used for qPCR depend on monitoring chemistry, targeted sequence,
type of DNA input and PCR efficiency.,” Mikrochimica acta, vol. 181, no. 13-
14, pp. 1689–1696, 2014.
[123] Sader, J. E., Larson, I., and Mulvaney, P., “Method for the calibration of
atomic force microscope cantilevers,” Review of Scientific Instruments, vol. 66,
no. 7, pp. 3789–3798, 1995.
[124] Schlötzer-Schrehardt, U. and Kruse, F. E., “Identification and charac-
terization of limbal stem cells.,” Experimental eye research, vol. 81, pp. 247–264,
Sept. 2005.
[125] Schriebl, K., Lim, S., Choo, A., Tscheliessnig, A., and Jungbauer,
A., “Stem cell separation: a bottleneck in stem cell therapy.,” Biotechnology
journal, vol. 5, pp. 50–61, Jan. 2010.
[126] Shaharuddin, B., Harvey, I., Ahmad, S., Ali, S., and Meeson, A.,
“Characterisation of human limbal side population cells isolated using an op-
timised protocol from an immortalised epithelial cell line and primary limbal
cultures.,” Stem cell reviews, vol. 10, pp. 240–250, Apr. 2014.
[127] Shen, Z. L., Kahn, H., Ballarini, R., and Eppell, S. J., “Viscoelastic
properties of isolated collagen fibrils.,” Biophysical Journal, vol. 100, pp. 3008–
3015, June 2011.
[128] Singh, A., Suri, S., Lee, T., Chilton, J. M., Cooke, M. T., Chen,
W., Fu, J., Stice, S. L., Lu, H., McDevitt, T. C., and Garca, A. J.,
“Adhesion strength-based, label-free isolation of human pluripotent stem cells.,”
Nature methods, vol. 10, pp. 438–444, May 2013.
[129] Soleimani, M. and Nadri, S., “A protocol for isolation and culture of mes-
enchymal stem cells from mouse bone marrow.,” Nature Protocols, vol. 4, no. 1,
pp. 102–106, 2009.
[130] Solon, J., Levental, I., Sengupta, K., Georges, P. C., and Janmey,
P. A., “Fibroblast adaptation and stiffness matching to soft elastic substrates.,”
Biophysical Journal, vol. 93, pp. 4453–4461, Dec. 2007.
[131] Sommer, C., Straehle, C., Kothe, U., and Hamprecht, F. A., “ilastik:
Interactive learning and segmentation toolkit,” in 8th IEEE International Sym-
posium on Biomedical Imaging (ISBI 2011), pp. 230–233, IEEE, 2011.
177
[132] Sordel, T., Kermarec-Marcel, F., Garnier-Raveaud, S., Glade,
N., Sauter-Starace, F., Pudda, C., Borella, M., Plissonnier, M.,
Chatelain, F., Bruckert, F., and Picollet-D’hahan, N., “Influence of
glass and polymer coatings on CHO cell morphology and adhesion.,” Biomate-
rials, vol. 28, pp. 1572–1584, Mar. 2007.
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[134] Stewart, Morag H, Bossé, Marc, Chadwick, Kristin, Menendez,
Pablo, Bendall, Sean C, and Bhatia, Mickie, “Clonal isolation of hESCs
reveals heterogeneity within the pluripotent stem cell compartment,” Nature
methods, vol. 3, no. 10, pp. 807–815, 2006.
[135] Subramanian, A., Tamayo, P., Mootha, V. K., Mukherjee, S., Ebert,
B. L., Gillette, M. A., Paulovich, A., Pomeroy, S. L., Golub, T. R.,
Lander, E. S., and Mesirov, J. P., “Gene set enrichment analysis: a
knowledge-based approach for interpreting genome-wide expression profiles.,”
Proceedings of the National Academy of Sciences of the United States of Amer-
ica, vol. 102, pp. 15545–15550, Oct. 2005.
[136] Suresh, S., “Biomechanics and biophysics of cancer cells.,” Acta Biomateri-
alia, vol. 3, pp. 413–438, July 2007.
[137] Swift, J., Ivanovska, I. L., Buxboim, A., Harada, T., Dingal, P.
C. D. P., Pinter, J., Pajerowski, J. D., Spinler, K. R., Shin, J.-
W., Tewari, M., Rehfeldt, F., Speicher, D. W., and Discher, D. E.,
“Nuclear lamin-A scales with tissue stiffness and enhances matrix-directed dif-
ferentiation.,” Science, vol. 341, p. 1240104, Aug. 2013.
[138] Tan, D., Ficker, L. A., and Buckley, R. J., “Limbal transplantation,”
Ophthalmology, vol. 103, no. 1, pp. 29–36, 1996.
[139] Tan, Y., Kong, C.-w., Chen, S., Cheng, S. H., Li, R. A., and Sun, D.,
“Probing the mechanobiological properties of human embryonic stem cells in
cardiac differentiation by optical tweezers.,” Journal of Biomechanics, vol. 45,
pp. 123–128, Jan. 2012.
[140] Tasadduq, B., Wang, G., El Banani, M., Mao, W., Lam, W., Alexeev,
A., and Sulchek, T., “Three-dimensional particle tracking in microfluidic
channel flow using in and out of focus diffraction,” Flow Measurement and
Instrumentation, vol. 45, pp. 218–224, Oct. 2015.
[141] Tee, S. Y., Fu, J., Chen, C. S., and Janmey, P., “Cell shape and substrate
rigidity both regulate cell stiffness.,” Biophysical Journal, vol. 100, pp. L25–L27,
Mar. 2011.
178
[142] Titushkin, I. and Cho, M., “Modulation of cellular mechanics during os-
teogenic differentiation of human mesenchymal stem cells.,” Biophysical Jour-
nal, vol. 93, pp. 3693–3702, Nov. 2007.
[143] Trapnell, C., Cacchiarelli, D., Grimsby, J., Pokharel, P., Li, S.,
Morse, M., Lennon, N. J., Livak, K. J., Mikkelsen, T. S., and Rinn,
J. L., “The dynamics and regulators of cell fate decisions are revealed by pseu-
dotemporal ordering of single cells.,” Nature biotechnology, vol. 32, pp. 381–386,
Apr. 2014.
[144] Treiser, M. D., Yang, E. H., Gordonov, S., Cohen, D. M., An-
droulakis, I. P., Kohn, J., Chen, C. S., and Moghe, P. V.,
“Cytoskeleton-based forecasting of stem cell lineage fates.,” Proceedings of the
National Academy of Sciences of the United States of America, vol. 107, pp. 610–
615, Jan. 2010.
[145] Trickey, W. R., Vail, T. P., and Guilak, F., “The role of the cytoskele-
ton in the viscoelastic properties of human articular chondrocytes,” Journal of
Orthopaedic Research, vol. 22, pp. 131–139, 2004.
[146] Truong, T. T., Huynh, K., Nakatsu, M. N., and Deng, S. X., “SSEA4
is a potential negative marker for the enrichment of human corneal epithelial
stem/progenitor cells.,” Investigative ophthalmology & visual science, vol. 52,
pp. 6315–6320, Aug. 2011.
[147] Tseng, S. C., “Concept and application of limbal stem cells.,” Eye (London,
England), vol. 3 ( Pt 2), pp. 141–157, 1989.
[148] Tsuji, Y., Yoshimura, N., Aoki, H., Sharov, A. A., Ko, M. S. H.,
Motohashi, T., and Kunisada, T., “Maintenance of undifferentiated mouse
embryonic stem cells in suspension by the serum- and feeder-free defined culture
condition,” Developmental Dynamics, vol. 237, pp. 2129–2138, Aug. 2008.
[149] Tuomi, J. M., Voorbraak, F., Jones, D. L., and Ruijter, J. M., “Bias
in the Cq value observed with hydrolysis probe based quantitative PCR can be
corrected with the estimated PCR efficiency value.,” Methods, vol. 50, pp. 313–
322, Apr. 2010.
[150] Tusher, V. G., Tibshirani, R., and Chu, G., “Significance analysis of
microarrays applied to the ionizing radiation response.,” Proceedings of the Na-
tional Academy of Sciences of the United States of America, vol. 98, pp. 5116–
5121, Apr. 2001.
[151] Vandesompele, J., De Preter, K., Pattyn, F., Poppe, B., Van Roy,
N., De Paepe, A., and Speleman, F., “Accurate normalization of real-time
quantitative RT-PCR data by geometric averaging of multiple internal control
genes.,” Genome biology, vol. 3, p. RESEARCH0034, June 2002.
179
[152] Vater, C., Kasten, P., and Stiehler, M., “Culture media for the differen-
tiation of mesenchymal stromal cells.,” Acta Biomaterialia, vol. 7, pp. 463–477,
Feb. 2011.
[153] Wagner, O., Zinke, J., Dancker, P., and Grill, W., “Viscoelastic prop-
erties of f-actin, microtubules, f-actin/α-actinin, and f-actin/hexokinase deter-
mined in microliter volumes with a novel nondestructive method,” Biophysical
Journal, vol. 76, no. 5, pp. 2784–2796, 1999.
[154] Wang, G., Microfluidic Cell Separation based on Cell Stiffness. PhD thesis,
Georgia Institute of Technology, Atlanta, GA, Feb. 2015.
[155] Wang, G., Crawford, K., Turbyfield, C., Lam, W., Alexeev, A.,
and Sulchek, T., “Microfluidic cellular enrichment and separation through
differences in viscoelastic deformation.,” Lab on a Chip, vol. 15, pp. 532–540,
Jan. 2015.
[156] Wang, G., Mao, W., Byler, R., Patel, K., Henegar, C., Alexeev,
A., and Sulchek, T., “Stiffness dependent separation of cells in a microfluidic
device.,” PLoS ONE, vol. 8, no. 10, p. e75901, 2013.
[157] Wang, G., Turbyfield, C., Crawford, K., Alexeev, A., and Sulchek,
T., “Cellular enrichment through microfluidic fractionation based on cell biome-
chanical properties,” Microfluidics and Nanofluidics, vol. 19, pp. 987–993, June
2015.
[158] Willoughby, N. A., Bock, H., Hoeve, M. A., Pells, S., Williams, C.,
McPhee, G., Freile, P., Choudhury, D., and De Sousa, P. A., “A scal-
able label-free approach to separate human pluripotent cells from differentiated
derivatives.,” Biomicrofluidics, vol. 10, p. 014107, Jan. 2016.
[159] Xie, R., Everett, L. J., Lim, H.-W., Patel, N. A., Schug, J., Kroon,
E., Kelly, O. G., Wang, A., D’Amour, K. A., Robins, A. J., Won,
K.-J., Kaestner, K. H., and Sander, M., “Dynamic Chromatin Remodel-
ing Mediated by Polycomb Proteins Orchestrates Pancreatic Differentiation of
Human Embryonic Stem Cells.,” Cell stem cell, Jan. 2013.
[160] Xu, J., Wirtz, D., and Pollard, T. D., “Dynamic cross-linking by alpha-
actinin determines the mechanical properties of actin filament networks.,” The
Journal of biological chemistry, vol. 273, pp. 9570–9576, Apr. 1998.
[161] Xu, W. and Chahine, N., “Extreme hardening of PDMS thin films due to
high compressive strain and confined thickness.,” Langmuir : the ACS journal
of surfaces and colloids, vol. 27, pp. 8470–8477, July 2011.
[162] Xu, W., Mezencev, R., Kim, B., Wang, L., and McDonald, J., “Cell
stiffness is a biomarker of the metastatic potential of ovarian cancer cells,” PLoS
ONE, vol. 7, no. 10, p. e46609, 2012.
180
[163] Yang, C., Tibbitt, M. W., Basta, L., and Anseth, K. S., “Mechanical
memory and dosing influence stem cell fate.,” Nature materials, vol. 13, pp. 645–
652, June 2014.
[164] Yeung, T., Georges, P. C., Flanagan, L. A., Marg, B., Ortiz, M.,
Funaki, M., Zahir, N., Ming, W., Weaver, V., and Janmey, P. A.,
“Effects of substrate stiffness on cell morphology, cytoskeletal structure, and
adhesion.,” Cell motility and the cytoskeleton, vol. 60, pp. 24–34, Jan. 2005.
[165] Yourek, G., Hussain, M. A., and Mao, J. J., “Cytoskeletal changes of mes-
enchymal stem cells during differentiation.,” ASAIO journal, vol. 53, pp. 219–
228, Feb. 2007.
[166] Yu, H., Tay, C. Y., Leong, W. S., Tan, S. C. W., Liao, K., and Tan,
L. P., “Mechanical behavior of human mesenchymal stem cells during adi-
pogenic and osteogenic differentiation.,” Biochemical and Biophysical Research
Communications, vol. 393, pp. 150–155, Feb. 2010.
[167] Zhang, C. and Xing, D., “Miniaturized PCR chips for nucleic acid amplifica-
tion and analysis: latest advances and future trends.,” Nucleic Acids Research,
vol. 35, no. 13, pp. 4223–4237, 2007.
[168] Zhang, J., Rao, R. V., Spilman, P., Mangada, J., Xie, L., Vitelli,
C., Gorostiza, O. F., Madden, D. T., Zeng, X., Jin, K., Hart, M. J.,
Bredesen, D. E., and Galvan, V., “Endogenously EGFP-Labeled Mouse
Embryonic Stem Cells.,” Aging and disease, vol. 2, pp. 18–29, Feb. 2011.
181
